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Abstract 

Several methodological issues currently hamper the study of entire trematode communities within populations of 

their intermediate snail hosts. Here we develop a new workflow using high- throughput amplicon sequencing to 

simultaneously genotype snail hosts and their infecting trematode parasites. We designed primers to amplify four 

snail and five trematode markers in a single multiplex PCR. While also applicable to other genera, we focused on 

medically and economically important snail genera within the superorder Hygrophila and targeted a broad taxonomic 

range of parasites within the class Trematoda. We tested the workflow using 417 Biomphalaria glabrata specimens 

experimentally infected with Schistosoma rodhaini, two strains of Schistosoma mansoni and combinations thereof. 

We evaluated the reliability of infection diagnostics, the robustness of the workflow, its specificity related to host and 

parasite identification, and the sensitivity to detect co- infections, immature infections and changes of parasite 

biomass during the infection process. Finally, we investigated its applicability in wild- caught snails of other genera 

naturally infected with a diverse range of trematodes. After stringent quality control the workflow allows the 

identification of snails to species level, and of trematodes to taxonomic levels ranging from family to strain. It is 

sensitive to detect immature infections and changes in parasite biomass described in previous experimental studies. 

Co- infections were successfully identified, opening the possibility to examine parasite– parasite interactions such as 

interspecific competition. Together, these results demonstrate that our workflow provides a powerful tool to analyse 

the processes shaping trematode communities within natural snail populations. 
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1  | INTRODUCTION 

Trematodes are a highly diversified group of parasitic flatworms, with ~18,000 extant species (Toledo & Fried, 

2014). They are best known for the various diseases they cause in humans and livestock (Hotez et al., 2014), such 

as schistosomiasis, which affects almost 220 million people worldwide (92% in Africa, WHO, 2017). More 

information on neglected tropical diseases and their control can be found in the new road map (WHO, 2020). 

Most trematodes start their complex life cycle within an obligate intermediate snail host (Esch et al., 2001) 

towards which they are highly specific (Lockyer et al., 2004). The rest of the life cycle varies greatly among species 

in terms of subsequent hosts and modes of transmission (Figure 1). In Africa, most trematodes of high medical or 

veterinary importance have as intermediate host freshwater snail species from the families Planorbidae and 

Lymnaeidae, which belong to the superorder Hygrophila (Brown, 1994). Importantly, several trematode species 

may co- occur in the same planorbid or lymnaeid snail species. Therefore, individual snails can be exposed to, and 

simultaneously infected by, multiple parasite species during their lifetime (e.g., Loker et al., 1981; Soldánová et 

al., 2011), or by multiple strains of the same species (Minchella et al., 1995; Steinauer et al., 2009). The outcome 

of co- exposure to multiple parasites depends on (i) the capacity of the snail to be infected by the species and to 

transmit it (competency, Hopkins et al., 2016), (ii) the chronology of infections (immune priming, Portela et al., 

2013) and (iii) parasite– parasite interactions, which may be synergistic or antagonistic (Esch et al., 2002; 

Soldánová et al., 2011). Recent studies suggest that parasite– parasite interactions within snails can strongly 

impact the dynamics of trematode transmission to their subsequent hosts (e.g., Laidemitt et al., 2019). For 

example, at the interspecific level, Laidemitt et al. (2019) showed that within the snail Biomphalaria pfeifferi, the 

cattle parasite Calicophoron sukari antagonizes the human parasite Schistosoma mansoni, decreasing prevalence 

of the latter in snail populations and limiting its transmission to humans. Thus, to better understand disease 

dynamics, we need to uncover the processes that shape natural parasite communities within snail host 

populations. 

The fragmentary nature of current knowledge on parasite communities within lymnaeid or planorbid snail 

hosts (but see Soldánová et al., 2012 or Laidemitt et al., 2019) can to a large extent be ascribed to technical 

research limitations. First, the traditional parasite shedding method to detect infections is highly time- consuming 

(Born- Torrijos et al., 2014; Kamel et al., 2021). Because typically only a limited fraction of the snails in a population 

are infected (overdispersion, Curtis et al., 2002), large numbers of snail specimens must be screened to adequately 

characterize the trematode community (Eppert et al., 2002; Loker et al., 1981), limiting the scalability of these 

methods. Also, shedding patterns are parasite- specific, usually depending on the activity pattern of the 

subsequent host (Pages & Théron, 1990). For example, S. mansoni primarily sheds during the day, and 

Schistosoma rodhaini at night (Pitchford et al., 1969). Furthermore, shedding does not allow detection of 

immature infections (Born- Torrijos et al., 2014), and due to a paucity of diagnostic morphological characters the 

identification of larval trematodes to the species level is often impossible (Nolan & Cribb, 2005). Cercarial 



 

genotyping resolves this issue but is labour- intensive as multiple cercariae need to be sequenced from each snail 

to detect all co- infecting strains and species (Bakuza et al., 2017; Eppert et al., 2002; Thiele & Minchella, 2013; 

Van den Broeck et al., 2011), which limits scalability in co- infection studies. Recent methodological advances 

include the development of molecular xenomonitoring tools such as PCR assays that identify parasite infections 

in snails to family, genus or species level (see Kamel et al., 2021 for a review). Compared to shedding, these tend 

to be more sensitive for detecting infections (an additional 10%– 60%; Born- Torrijos et al., 2014) and they allow 

cost- efficient screening of large snail populations when combined with a pooling design (Carolus et al., 2019). 

However, they typically target a single species or limited set of species, usually those of medical or veterinary 

importance (e.g., Caron et al., 2011; Hamburger et al., 2004; Jannotti- Passos et al., 2006; Mesquita et al., 2020; 

Pennance et al., 2020; Schols et al., 2019). The ability of xenomonitoring PCRs to detect co- infections is therefore 

limited to a very restricted set of target species (e.g., Mesquita et al., 2020), making these methods inappropriate 

for trematode community studies. 

Given the above, what is missing is a tool that reliably detects and identifies all trematode infections within 

individual snails in a cost- and time- efficient manner. At the same time, molecular identification of the snail host 

is also needed as the morphological identification of certain taxa of lymnaeids and planorbids remains 

complicated (Brown, 1994). In this study, we make use of the increasingly accessible and affordable next 

generation sequencing (NGS) technology of high- throughput amplicon sequencing (HTAS) to develop an efficient 

and comprehensive method for simultaneous identification of parasitic trematodes and their snail hosts, thereby 

preserving the host– parasite relationships. HTAS, which involves multiplexing and pooling, is commonly used in 

metabarcoding studies (Braukmann et al., 2019; Cruaud et al., 2017; Herbold et al., 2015)and has been 

successfully applied to identify parasite infections from DNA extracts of their hosts (Chaudhry et al., 2019; Cooper 

et al., 2018). By multiplexing various markers in one single PCR and pooling numerous samples per sequencing 

run (Bybee et al., 2011; Cruaud et al., 2017; Herbold et al., 2015) , the study of snail– trematode communities 

becomes scalable. Beyond its high sensitivity and specificity, the method may also allow reliable detection of co- 

infections. Our goal is to develop a versatile HTAS workflow to study taxonomically diverse trematode 

communities hosted by planorbids and lymnaeids as well as other Hygrophila snails. We performed validation 

experiments on the snail genus Biomphalaria, because of its central role in the transmission of medically and 

economically important trematodes (Brown, 1994). However, the workflow is designed to be easily adaptable to 

other snails within Hygrophila. We coupled workflow development to various infection experiments involving 

laboratory- reared snails and well- characterized strains of schistosome species. These experiments provide a 

controlled set- up to evaluate whether the method (i) provides correct diagnostics (reliability); (ii) is robust in 

technical replicates (robustness); (iii) enables the identification of host and parasite to species and even strain 

level (specificity); (iv) discriminates among early/aborted and mature infections (sensitivity); and (v) can detect 



 

co- infections (reliability/sensitivity). Finally, we investigated the versatility of our HTAS workflow via analysis of 

wild- caught Bulinus and Radix snails with documented infection status. 

2  | MATERIALS AND METHODS 

2.1  | Set- up of snail infection experiments 

We conducted three infection experiments, one time- series experiment and two co- infection experiments, under 

controlled conditions at the Host- Pathogen- Environment Interactions laboratory of the University of Perpignan 

(UPVD, France) with laboratory- reared snails of Biomphalaria glabrata strain BgGUA2 from Guadeloupe. These 

were exposed to miracidia of Schistosoma mansoni strains SmBre and SmLE from Brazil and one strain of 

Schistosoma rodhaini from Burundi. We selected these species to maximize the experimental infection rate, as 

BgGUA2 is a highly permissive snail strain and the selected parasite strains are highly infective (Portet et al., 2019; 

Théron et al., 2014). The snails were infected by exposure to miracidia obtained by hatching eggs filtered from 

the liver of white mice strain Swiss OFI (Figure 2). In the time- series experiment, 144 snails were individually 

exposed to one miracidium of SmBRE each and subsets of snails were killed at specific moments between 2 and 

40 days post- infection (i.e., the approximate time of cercarial development, Schwanbek et al., 1986) to assess 

whether the method allows us to distinguish between early (immature) and patent (mature) infections (Figure 2). 

In the first co- infection experiment we exposed 96 snails to 10 miracidia of both S. mansoni strains and in the 

second we exposed 96 snails to 10 miracidia each of SmLE and S. rodhaini, and thus 20 parasites per snail (Figure 

2). As positive controls we quantified the baseline infection rate of each of the three parasite strains by exposing 

30 snails to 10 miracidia each. To test for contamination, negative controls for all experiments consisted of (i) 

subjecting five nonexposed snails to all subsequent procedures, and (ii) adding a single miracidium to ethanol- 

preserved samples of the nonexposed snails to simulate environmental contamination with parasite DNA. In each 

experiment we exposed snails to miracidia for 24 h. After the exposure phase, the snails were transferred to 

different aquaria (10 L) depending on their treatment, maintained at 25°C under a 12:12- h light– dark regime and 

fed ad libitum before being killed by heat shock (70°C for 1 min). A total of 20 snails (4.6%) died prematurely and 

were excluded from analysis. The remaining 417 snails were preserved in 80% ethanol and subjected to the HTAS 

workflow at the Royal Museum for Central Africa (Tervuren, Belgium). 

 

2.2  | HTAS workflow 



 

DNA extraction 

We separated the whole animal from its shell, dried it for 10 s on disposable absorbent paper to remove the 

remaining ethanol, and subsequently homogenized it with a sterile scalpel. We changed the absorbent paper 

between specimens and sterilized the scalpel blade and the pliers in a flame for 20 s. DNA was extracted using 

the E.Z.N.A. Mollusc DNA Kit (OMEGA Bio- tek), according to the manufacturer’s instructions. The volume of final 

DNA extracts was 150 µl, and the DNA concentration was measured using Qubit (Qubit Fluorometer 2 with Qubit 

1X dsDNA HS Assay, Invitrogen, ThermoFisher). DNA aliquots were diluted to 10 ng µl– 1 in Milli- Q water and 

stored at −20°C until subsequent analysis. 

Primer design 

Nine primer pairs (Table 1) were selected to simultaneously amplify one nuclear and three mitochondrial markers 

of the snails, and one nuclear and four mitochondrial markers of the trematodes. These included two fragments 

of the snails’ cytochrome c oxidase subunit 1 (COI1_snail and COI2_snail, Figure S1A), a fragment of NADH 

dehydrogenase subunit 1 (NAD1_snail) and a fragment of the internal transcribed spacer 1 of the rRNA cluster 

(ITS1_snail), and for the trematodes two fragments of COI (COI1_trematode and COI2_trematode, Figure S1B), 

one fragment of NAD1 (NAD1_trematode), one fragment of cytochrome b (cytb_trematode) and one fragment 

of internal transcribed spacer 2 (ITS2_trematode). The detailed workflow for primer design can be found in Text 

S1 and Tables S1 and S2). 

PCR conditions 

Simultaneous amplification of the nine amplicons was performed in a single multiplex PCR using the ThermoFisher 

Platinum Multiplex PCR Master Mix according to the following programme: 2 min of initial denaturation at 95°C, 

followed by 40 cycles each of 30 s at 95°C, 90 s at 57.5°C, 40 s at 72°C, and then a final elongation step of 10 min 

at 72°C, using a Professional Thermal Cycler (Biometra). PCR products were visually checked by gel electrophoresis 

for 1 h 45 min at 120 V in a 3% agarose gel with Midori Green direct staining and ultraviolet light exposure. The 

multiplex PCR mix was prepared using 12.5 µl of master mix, 2.5 µl of multiplex primer mix (prepared with 

individual primer pair concentrations as shown in Table 1), 5 µl of water and 5 µl of template DNA at 10 ng µl– 1, 

for a total of 25 µl of PCR mix per sample. A blank consisting of Milli- Q water (Merck) was used as a negative 

control. 

 



 

Illumina MiSeq sequencing 

The multiplexed amplicons were sent to the Genomics Core of the University Hospital Leuven (Belgium) for library 

preparation with the Illumina MiSeq version 3 kit (indexing PCR, balancing amplicon concentrations, EMPURE 

Bead purification) and sequencing. Specifically, this included the PCR products of the 417 Biomphalaria specimens 

from the controlled infection experiments, seven wild- caught Bulinus specimens, seven wild- caught Radix 

natalensis and the blank. In addition, to examine the robustness of the HTAS procedure, we aliquoted the PCR 

products of six B. glabrata specimens in triplicate. The resulting 444 libraries were sequenced in a single 

sequencing run on an Illumina MiSeq. A first sequencing run was performed with 10% of Phi X spiking but 

generated an insufficient quantity of reads (~3 × 106) with overall low Phred Quality Score. As run failure can result 

from low library diversity, we increased Phi X spiking to 25% in a second run, which successfully increased the 

quality and quantity of reads obtained (>20 × 106). 

 

Bioinformatics processing 

Raw reads were demultiplexed using the sample- specific unique dual indexes (no mismatch) before further 

processing. We removed primer sequences from the reads using cutadapt version 2.7 (Martin, 2011) in bash 

version 4.4.19 (GNU, 2007) with a minimum overlap of 15 bp and 15% maximum error rate. Subsequently, the 

reads were processed in the dada2 package version 1.12.1 (Callahan et al., 2016) of the statistical environment R 

version 3.6.1 (R Core Team, 2019) to infer amplicon sequence variants (ASVs) without activating the “pool” 

parameter. The reads were first trimmed and filtered (maximum expected error = 2, length after trimming > 150 

bp) in paired- end mode (i.e., both forward and reverse reads must pass to be output), then dereplicated. The 

base- specific error rates were estimated from 5 × 108 bases in randomly selected reads, for the subset of both 

forward and reverse reads. Quality- controlled reads were then grouped and subsequently merged into ASVs 

(minimum overlap = 20 bp, maximum 1 mismatch) before removing chimerae using the “consensus” method 

(Callahan et al., 2016). To organize ASVs per taxon and per target region we constructed a local reference database 

from BLASTing ASVs against the NCBI nucleotide database. Subsequently, ASVs were compared to this database 

using blast+ version 2.9.0 (Camacho et al., 2009) in bash (word_size = 10, penalty = −1, gapopen = 2 and gapextend 

= 1). The results were compiled in a table summarizing the ASVs identified per sample, with associated read count 

and proportion of reads supporting the ASV (count divided by total number of filtered reads attributed to the 

sample). Based on the blast results, we distinguished ASVs of target species from contaminants (i.e., ASVs 

belonging to organisms other than the studied model taxa). Additionally, ASVs belonging to one of the model taxa 

but not to the taxon of that specific sample (as based on the experimental set- up) were classified as cross- 

contaminants (e.g., an S. rodhaini COI1 sequence found in a snail exposed to S. mansoni only). Finally, for each 

noncontaminant sequence we distinguished between primary and secondary ASVs. The primary ASV of a specific 



 

sample and marker corresponds to the on- target ASV with the highest proportion of reads supporting it, whereas 

secondary ASVs include all other ASVs for the same sample and marker. The presence of secondary ASVs may 

indicate polymorphism in targeted markers, or depending on the specific experiment, co- infection. Contaminant 

ASVs can result either from nonspecific primer annealing, wet laboratory contamination during DNA extraction 

or PCR (Ballenghien et al., 2017), or cross- talk (index hopping) during MiSeq sequencing (MacConaill et al., 2018). 

In any of these cases, we would expect the number of reads associated with contamination to be much lower 

than those related to targeted ASVs: the concentration of contaminating template DNA ought to be minimal 

compared to that of the original sample (Lusk, 2014), and cross- talk occurs at an extremely low rate in sequencing 

with dual indexes (MacConaill et al., 2018). To remove contaminating and cross- contaminating sequences, we 

applied a stringent, marker- specific filtering of ASVs based on read support. First, based on the ASV classification 

described above, we determined the highest proportion of reads supporting cross- contaminating ASVs for each 

marker. Then, we used these maximum values (rounded to 0.005%) as a threshold to filter all ASVs with inferior 

read support, for each marker. We adopted a marker- specific threshold because we observed that the patterns 

of cross- contamination varied among markers; markers with ASVs supported by a higher proportion of reads 

(e.g., COI2_snail) also showed higher read- support for cross- contaminating ASVs. Therefore, applying a uniform 

threshold for filtering would either result in removing most sequences for markers with low read support or 

retaining cross- contaminating ASVs in markers with high read support. This threshold- based filtering was aimed 

at increasing the reliability of subsequent diagnostics and genotyping. A snail was diagnosed as being infected by 

a specific trematode strain if at least one ASV of that parasite strain was retained after filtering. All relevant data 

sets, FASTA files as well as bash and R scripts are available on the Dryad Data Repository (Hammoud et al., 2020a). 

Raw reads are available in NCBI SRA (Hammoud et al., 2020b) and the filtered ASVs are available in GenBank 

(Hammoud et al., 2020c). 

2.3  | Performance evaluation under controlled experimental conditions 

We determined the performance of our HTAS workflow by investigating whether it (i) provides correct diagnostics 

(reliability); (ii) is robust in technical replicates (robustness); (iii) enables the identification of host and parasite 

species to species and strain level (specificity); (iv) discriminates among early/aborted and mature infections 

(sensitivity); and (v) can detect co- infections (reliability/sensitivity). 

A first examination of reliability, already mentioned in section 2.5, involved the characterization of 

contamination. Subsequently, we compared the proportion of reads from infected and noninfected snails across 

the various markers. We statistically tested for differences in read support for each category of ASVs (primary, 

secondary and contamination) per marker in infected vs. uninfected snails using pairwise Wilcoxon tests with 

Bonferroni correction for multiple comparisons in R. In addition, we evaluated the reliability of the diagnostics 



 

inferred with the HTAS workflow by comparing it with the results of an infection rapid-d iagnostic PCR (infection 

RD- PCR, Schols et al., 2019). We opted for this method as it allows us to simultaneously detect the presence of 

any trematode within the snail and verify whether some of these trematodes belong to the genus Schistosoma, 

which is not possible with other existing qPCR or ddPCR assays (Kamel et al., 2021). The method consists of 

multiplexing three primer pairs in a PCR and evaluating the infection diagnostic based on amplicon size 

discrimination using gel electrophoresis. The PCR amplifies a fragment of 18S rRNA of the snail, used to validate 

success of the PCR reaction, a fragment of 18S rRNA of trematodes aimed at general parasite detection and a 

fragment of COI designed specifically to detect Schistosoma spp. Infection RD- PCRs were performed according to 

the protocol described in Schols et al. (2019), except for the number of PCR cycles, which was reduced from 40 to 

25 to calibrate the assay to avoid detecting early infections (<6 days post- exposure). Additionally, we used 

published data on infection dynamics to verify whether the infection rates observed in our experiments were 

consistent with those reported for the specific snail and parasite strains used. The infection dynamics of S. 

mansoni strains SmBre and SmLE with B. glabrata strain BgGUA (i.e., a strain sampled from the same wild 

population as BgGUA2) was extensively described in Théron et al. (2014). For S. rodhaini, we compared our data 

with those of Portet et al. (2019), who reported the infection rate of S. rodhaini from Burundi with another strain 

of B. glabrata (BRE), as no published data exist on strain BgGUA2. 

The robustness of post- PCR procedures in our HTAS workflow was examined from technical replicates on six 

B. glabrata specimens; three were co- infected with SmLE and SmBre and the other three with SmLE and S. 

rodhaini. We compared the pools of ASVs retained after filtering for all replicates, for both snails and their 

infecting trematodes. 

To identify hosts and parasites to species or strain level, the ASVs retained after contaminant removal were 

first BLASTed to our local reference database, then aligned per taxon (snails or trematodes) in geneious, using the 

muscle algorithm to (i) calculate pairwise genetic distances (uncorrected p- distance), (ii) check for the presence 

of STOP codons in the coding regions (to identify nuclear mitochondrial DNA or NUMT; Lopez et al., 1994), and 

(iii) identify diagnostic single nucleotide polymorphisms (SNPs) specific to the species or strains used in our 

experiments. 

The sensitivity of the HTAS workflow was studied using the samples of the time- series experiment (Figure 2). 

Specifically, we hypothesized that the proportion of reads attributed to trematode ASVs should reflect the volume 

of parasite tissue within the host and, therewith, the development of the infection over time. The progressive 

changes in the volume of S. mansoni tissues within the digestive gland of B. glabrata as described by Théron et al. 

(1992) provided a reference frame for the proportion of reads attributed to S. mansoni ASVs (all markers pooled). 

We investigated the reliability and sensitivity of the HTAS workflow for detection of co- infections by using the 

samples co- exposed to multiple Schistosoma strains/species (Figure 2). We compared the rates of successful 



 

infections under co- exposure with those of exposure to single strains/species (i.e., positive controls for the rates 

of infections). Information on the statistical analyses for co- infection experiments can be found in Text S2. 

2.4  | Validation in other Hygrophila 

We assessed the applicability of our HTAS workflow to other snail taxa, namely to seven wild- caught Bulinus 

specimens (one B. globosus, three B. truncatus, two B. tropicus and one B. forskalii) and seven wild- caught R. 

natalensis of which the infection status had already been documented (Table S3). These specimens were 

processed identically to the B. glabrata specimens, were sequenced in the same MiSeq run and were subjected 

to the same bioinformatics processing up to chimera removal. After chimera removal, some of the samples 

showed substantial contamination by B. glabrata and S. mansoni, which was removed before filtering based on 

read support. This filtering was performed with the same marker- specific threshold approach used in the 

controlled laboratory experiments, but thresholds were recalculated per genus because marker amplification 

varied substantially among taxa. Retained snail and parasite ASVs were BLASTed against GenBank for 

identification to the lowest- possible taxonomic level. 

3  | RESULTS 

3.1  | DNA extraction, MiSeq library preparation and sequencing 

All 417 DNA extractions performed for the controlled experiments yielded DNA concentrations >10 ng µl– 1 (on 

average 103 ± 100 ng µl– 1), except for four (0.3, 4.3, 6.9 and 9.7 ng µl– 1) which were nevertheless included in 

library preparation. Library preparation was successful for all these samples as well as the triplicates and the 

Bulinus and Radix samples (total of 444 libraries). After removal of phage X sequences and demultiplexing by 

sample, MiSeq sequencing resulted in a total of 13.4 × 106 reads. Trimming, filtering and merging resulted in a 

loss of 48% of reads per sample, on average. Chimera detection prompted removal of 440 out of the 917 

constructed ASVs, but the number of reads lost was modest (<1% of the filtered reads). The number of ASVs per 

marker and per sample varied between 0 and 15. These data were tabulated for subsequent analysis, which 

started with the detection of contaminants. Out of the 477 filtered ASVs, 13 belonged to taxa not included in the 

experiment (bacteria, teleost and plants), and five ASVs were off- target markers from the studied snails (Table 

S4). These contaminants were found in six samples only, were supported by a low proportion of reads (0.1 ± 0.2% 

on average) and were easy to identify. However, cross- contaminant ASVs were observed in 273 samples (~63%) 

and represented on average 0.8 ± 1.1% of reads/ASV/sample (cumulatively 2.6 ± 3.6% of reads/sample). Of the 

1.1 × 106 reads attributed to the PCR1 blank, 99.7% were removed after trimming. ASVs resulting from the 

remaining 0.3% of reads belonged to various organisms of the study (Biomphalaria glabrata, Radix natalensis, 



 

etc.), testifying to a low background level of cross- contamination. Rigorous filtering of contaminants was thus 

required, which was achieved via marker- specific thresholds on the frequency of reads supporting each ASV. 

3.2  | HTAS performance evaluation with controlled laboratory experiments 

Read support, data reliability and diagnosis of infection status 

The number of reads per sample in the controlled laboratory experiments ranged from 6080 to 81,482 with an 

average of 25,659 ± 15,053. ASVs merged from these reads were on average 391 ± 67 bp long. The representation 

of these reads over the nine markers is provided in Table 1 (see Table S5 for details on read distribution among 

markers and the infection status, as well as threshold levels for filtering). The relative proportion of reads 

supporting the various ASVs obtained per marker for all samples in our laboratory experiments is shown in Figure 

3. Noteworthy aspects are that the proportion of contamination is higher for trematode ASVs than for those of 

snails, because contamination is inflated in trematode ASVs of noninfected snails. Second, NAD1_trematode and 

cytb_trematode are overall substantially less amplified than other markers. Nevertheless, removal of 

contaminants based on threshold levels resulted in the retention of the primary ASVs for all nine markers and, 

except for COI1_trematode, NAD1_trematode and cytb_trematode, also secondary ASVs (Figure S2). 

Upon examining the relative proportion of reads per sample prior to contaminant filtering, that is when all 

reads for a sample together represent 100%, strong differences existed in read support for the various markers 

and within markers for ASVs depending on infection status (Table 2; Figure S3). Specifically, we observed that 

COI2_snail amplified more than other markers, and its representation differed strongly between infected and 

noninfected snails (~23% vs. ~54%, respectively). This ~30% difference overall relates strongly to the total 

representation of trematode- targeting ASVs in infected snails. Pairwise Wilcoxon tests indicated that for all 

markers except COI1_snail, the proportions of primary ASVs differed significantly (α = .05) depending on infection 

status. The three other snail markers have thus more reads in uninfected than in infected snails, whereas all five 

trematode markers have significantly higher read support in infected snails. Significantly more secondary ASVs 

were amplified for COI1_snail, COI2_snail and NAD1_snail in infected snails than in uninfected specimens, and 

vice versa for ITS1_snail. Secondary ASVs for trematode markers COI2_trematode and ITS2_ trematode had higher 

read support in infected snails, whereas no significant differences between infected and uninfected snails were 

detected for the other markers. No significant pairwise differences were observed in the read support for 

contaminant ASVs according to infection status. In both exposed (n = 5) and unexposed (n = 5) negative controls, 

ASVs of Schistosoma mansoni were inferred but removed during filtering. 

Inferring infection status with HTAS and infection RD- PCR yielded very similar results for the 417 B. glabrata 

snails included in our controlled experiments. For 223 specimens both methods indicated infection, and 186 

specimens were diagnosed as uninfected by both methods (overall congruence > 98%). Six individuals were 

diagnosed as infected by the HTAS workflow but not by infection RD- PCR, and vice versa for one specimen. One 



 

specimen was excluded from this comparison because no band (internal control or infection) was observed with 

the infection RD- PCR. 

Comparison of our results with published data indicates that infection rates inferred with the HTAS workflow 

fall within the expected range for each specific host– parasite association under study. For the association of 

BgGUA2 with SmBRE, 26% of the snails (n = 142) were infected in the time- series experiment (30% when excluding 

the 20 snails killed after 2 days for which no infections were detected), which closely approximates the value of 

28 ± 11% described by Théron et al. (2014). Note that these rates are specific for infections with a single 

miracidium. The infection rate increased to 96% when individual snails were exposed to 10 miracidia (positive 

control for the co- infection experiment, n = 27), somewhat higher than the value of 80 ± 10% reported by Théron 

et al. (2014). For the other two associations, we examined infection dynamics only with data from those positive 

controls. The association of BgGUA2 with SmLE resulted in a 92% infection rate (n = 26), identical to the value of 

92 ± 8% published by Théron et al. (2014) and the association of BgGUA2 with S. rodhaini resulted in 82% infection, 

which is again highly similar to the 80% reported by Portet et al. (2019). 

Robustness 

Genotyping of technical replicates of the same samples used for the verification of pre-P CR procedures yielded 

identical diagnostics and similar ASV profiles, indicating high robustness of the new HTAS methodology. Minor 

differences were only observed in the ASVs of snail markers, and except for one case all related to secondary ASVs 

(Table S6). 

Specificity of host and parasite identifications 

Among the 417 B. glabrata specimens involved in our laboratory experiments, we identified three distinct 

haplotypes of the marker COI1_snail (differing from one another by one “silent” SNP), two of COI2_snail (differing 

from one another by two “silent” SNPs), 24 of ITS1_snail (differing by a combination of multiple SNPs and INDELs), 

and three of NAD1_snail (two differing from one another by one synonymous substitution, the third having a 

nonsynonymous mutation and a “silent” SNP). These data indicate that substantial genetic diversity exists in the 

BgGUA2 laboratory strain. The genetic diversity in the parasite strains of our experiments was substantially lower, 

but nevertheless allowed us to recognize both Schistosoma species and strains. We recovered three haplotypes 

of COI2_trematode (one in each Schistosoma species/strain included), two of COI1_trematode (one in S. rodhaini 

and the other in both S. mansoni strains), three of ITS2_trematode (one in S. rodhaini and two common to both 

S. mansoni strains that differ from one another by one SNP). Both strains of S. mansoni have the same haplotype 

of NAD1_trematode and cytb_trematode, but as verified with the control specimens, these markers were not 

amplified for S. rodhaini. The pairwise genetic distances among B. glabrata specimens and among the different 



 

parasite species/strains are summarized per marker in Tables S7A– I. Here we focus on reporting genetic distances 

between parasite species/strains. The genetic divergence between S. mansoni and S. rodhaini for 

COI1_trematode, COI2_trematode and ITS2_trematode was ~13.6%, 12.3% and 1.0%, respectively. SmBre and 

SmLE strains were divergent only in COI2 (0.2%). 

 

Sensitivity to detect infection stages 

In the course of the time- series experiment, the proportion of infected snails increased from day 2 to 16 after 

which it remained stable until day 30 and subsequently dropped dramatically by day 40 (Table 3). The proportion 

of reads attributed to S. mansoni ASVs in these specimens shows a similar trend (Figure 4). Interestingly, the 

increase in read support for parasite ASVs occurred earlier than the increase in volume of parasite tissue within 

the snails’ digestive gland as documented by Théron et al. (1992). This volume started to increase after 2 weeks 

with its steepest growth between day 14 and 30. 

Reliability and sensitivity to detect co- infections 

The null models of expected rates of co- infection based on the rates of infection observed in the positive control 

experiments are indicated in Table 4 together with observed levels of co- infection. For all time period later than 

2 days after infection, our results indicate statistically significant differences between the expected levels of co- 

infection assuming random/independent interactions between parasite species/strains vs. infection levels 

observed in our HTAS diagnostics. Co- exposure to both S. mansoni strains led to an infection dynamic that 

differed significantly from expectation under the above- mentioned assumptions on day 10, but even more so by 

day 40 (Table 4). Overall, the level of co- infection was lower than expected, and the proportion of snails infected 

with SmBre (either co- infected or infected by SmBre alone) was much lower than expected. A higher proportion 

of snails was infected with SmLE (co- infected or not) than with SmBre, but not as high as in positive controls. 

Even larger differences were observed in the co- infection experiment with S. mansoni and S. rodhaini: co- 

exposure resulted in very low levels of co- infection, and of infection by S. rodhaini on day 10 and day 40 when 

compared to expectations based on the literature (Table 4). 

Furthermore, co- infection resulted in lower levels of successful amplification/sequencing of the trematode 

markers, and if markers were successfully obtained they had lower read support. Regression analysis indicated 

that the proportion of reads supporting the COI2_trematode ASVs of both strains of S. mansoni (the only marker 

enabling distinction between strains) was significantly lower in co- infections than in single infections and 

remained stable over time, whereas in single infections it increased over time (Figure 5). In co- infections with S. 

mansoni and S. rodhaini, an ASV of ITS2_trematode was obtained from all six snails that indicated co- infection, 

whereas COI1_trematode was obtained from one specimen only, and COI2_trematode from none. As for co- 



 

infection with both S. mansoni strains, regression analysis for co- infection with S. mansoni and S. rodhaini showed 

a significantly lower proportion of reads attributed to the ITS2_trematode ASVs under co- infections compared to 

single infections (Figure 6). 

3.3  | Validation in other Hygrophila 

On average the number of demultiplexed reads from Bulinus specimens (four different species, see above) (36,708 

± 35,015) was higher but of the same order of magnitude as those from B. glabrata in the controlled experiment 

(25,659 ± 15,053), whereas those from R. natalensis were an order of magnitude higher (210,019 ± 79,796). The 

distribution of raw reads after removal of unambiguous contaminants, but before threshold- based filtering, was 

strongly taxon- specific (Table 2). Whereas the proportions of Bulinus reads were comparable to those of infected 

B. glabrata, we observed a strong overrepresentation of COI2_snail in R. natalensis (~74% of the total reads vs. 

~20% for Bulinus and ~23% for infected B. glabrata). The distribution among markers of trematode reads in the 

wild- caught snails strongly resembled those in the laboratory experiments (namely, lower read support for 

NAD1_trematode and cytb_trematode than for COI1_trematode, COI2_trematode and ITS2_trematode). 

The success of amplification and sequencing for each marker and the level of intragenomic variation detected 

at the end of the HTAS workflow is summarized in Table 5 (snails) and Table 6 (trematodes). These results indicate 

that the success rate of amplification is high overall, but higher for snails than for trematodes and with substantial 

variation among markers. Specifically, ITS1_snail was consistently obtained from all snails, whereas the success 

rate for COI1_snail varied between Bulinus and Radix, for COI2_snail varied among Bulinus species, and 

NAD1_snail was more variable across all snails. Overall, polymorphism is low in these markers, apart from 

ITS1_snail, and to lesser extent NAD1_snail. However, there was substantial variation among snail specimens in 

the success of amplifying and sequencing parasite amplicons. ITS2_trematode was most consistently obtained (in 

10 out of 12 parasites), followed by COI2_trematode (9/12), cytb_trematode (8/12), COI1_trematode (7/12) and 

NAD1_trematode (5/12). In some specimens, only one of these five markers was amplified. Intragenomic variation 

was observed in four specimens for ITS2_trematode and one specimen for COI2_trematode. 

Screening of wild- caught samples with our HTAS workflow confirmed infection in all seven Bulinus and seven 

R. natalensis specimens analysed, and detected in total 12 different parasites belonging to two orders and eight 

families of the Trematoda (Table 6; Table S3). Eight of these were specific to Bulinus spp., three to R. natalensis, 

and one was found in both Bulinus tropicus and R. natalensis. For Bulinus spp., the identification of parasite 

infections was highly consistent with previous diagnostic efforts. All previous infections were recovered, except 

for two B. tropicus specimens where only one infection was identified with the HTAS workflow compared to two 

infections using a combination of RD- PCR and genotyping (Table S3). For R. natalensis the HTAS diagnostics 

differed more substantially from previous efforts, perhaps due to overrepresentation of the marker COI2_snail. 



 

Specifically, Fasciola sp. infections in five snails that had been detected using RD- PCR were not recovered. 

However, the HTAS workflow detected three additional infections in these same snails (Table S3). Furthermore, 

in one R. natalensis specimen it detected the presence of nine distinct but highly similar haplotypes of the 

COI2_trematode amplicon, possibly indicating intraspecific co- infection by Cotylurus sp. (Table S3). 

4  | DISCUSSION 

In this study, we aimed to design a new 

workflow based on HTAS to analyse entire 

communities of trematodes within populations 

of their snail hosts. By testing this workflow on 

artificially and naturally infected snails, we 

showed that it yields reliable and robust 

molecular diversity within this group complicates the design of general primers that would amplify all trematode 

species (Moszczyńska et al., 2009; Vanhove et al., 2013). More field studies that combine molecular and 

morphological methods (e.g., Laidemitt et al., 2019) and use general primers like our HTAS workflow are needed 

to enrich these databases and overcome such limitations. 

The four snail markers were consistently retrieved, except for low amplification/sequencing success of 

NAD1_snail in Bulinus and Radix spp. The ITS1_snail and both COI markers were particularly informative for 

species identification because of the high representation of these makers for Hygrophila in GenBank. Sequencing 

success of the parasites was high in our controlled experiment. Notably, we could discriminate between the two 

Schistosoma mansoni laboratory strains based on a single SNP in COI2_trematode, highlighting the specificity of 

our workflow. Parasite identity was mainly determined using ITS2 or COI sequences, which are well represented 

in molecular databases due to their broad use in studies of trematode diversity (Blasco- Costa et al., 2016). 

The HTAS workflow also enabled the detection of intragenomic variation, foremost in the nuclear markers 

ITS1_snail and ITS2_trematode and to a lesser extent in the mitochondrial markers NAD1_snail, COI1_snail and 

COI2_snail. As ITS is part of the ribosomal tandem repeat, intragenomic variation has already been documented 

in a variety of animal taxa such as trematodes (Steinauer et al., 2008), molluscs (Stothard et al., 2000; Vierna et 

4.1  | Specificity of host and parasite identification and intragenomic variations 

Our workflow enabled the molecular characterization of snails belonging to six different species from three 

genera, and of parasites belonging to 16 different species from eight families, demonstrating its broad taxonomic 

versatility. While all snails were identified to species level, the taxonomic resolution of the identification of their 

trematode was lower, sometimes only up to family level. This lack of specificity is mostly linked to a lack of 

reference sequences for African trematodes in the NCBI databases (see Schols et al., 2020). In addition, the high  



 

al., 2009), insects (Parkin & Butlin, 2004; Sword et al., 2007), anthozoans (Rodriguez- Lanetty & Hoegh- Guldberg, 

2002), crustaceans (Harris & Crandall, 2000) and teleost fishes (Xu et al., 2009). Some authors have suggested that 

such variation could be more widespread than hitherto assumed (Harris & Crandall, 2000; Sword et al., 2007) and 

may disturb phylogenetic reconstruction by violating orthology assumptions (Alvarez & Wendel, 2003; Harris & 

Crandall, 2000). However, multiple ITS copies can also provide information on meaningful biological processes 

such as hybridization in schistosomes (Steinauer et al., 2008) sequenced ITS copies of two distinct species from 

individual hybrid schistosomes. Nevertheless, ITS sequences should be interpreted with caution. 

Intragenomic variability in mitochondrial markers can occur either as natural functional variants from different 

populations of mitochondria found in a single organism (heteroplasmy) or as nonfunctional, often shorter versions 

of the original gene that are integrated in the nuclear genome (NUMT; Lopez et al., 1994). In molluscs, 

heteroplasmy has been described for bivalves, where it is caused by double uniparental inheritance of 

mitochondria (Gusman et al., 2017). To our knowledge, heteroplasmy has not previously been observed in snails, 

although the issue was investigated by various authors (Davison, 2000; Gusman et al., 2017; Parakatselaki et al., 

2016; Thomaz et al., 1996). Our data favour heteroplasmy above NUMT as we did not find STOP codons in the 

variants found in B. glabrata and B. globosus. The number of variants differed across markers (for B. glabrata: 

2.4% in COI2_snail, 8.2% in COI1_snail and 52% in NAD1_snail), which may be due to methodological aspects such 

as filtering. Applying clustering methods onto the dada2 output (see Jusino et al., 2019; Palmer et al., 2018) may 

allow further filtering and provide additional insight into this issue. Furthermore, including a “host– parasite mock 

community” (an artificial sample composed of single- copy target template DNA) in the experiment could provide 

an additional way to control the sequencing outputs, though generating such a sample might be technically 

demanding (see the development of the “arthropod mock community” in Jusino et al., 2019). 

4.2  | Infection diagnostics, cross- contamination and read support 

Infection diagnostics inferred from HTAS results were highly consistent with those of the infection RD- PCR and 

with the infection rates obtained in previous infection experiments using the same host and parasite strains 

(Théron et al., 2014), emphasizing the reliability of the workflow. Interestingly, more samples were classified as 

HTAS positives and RD- PCR- negatives (six occurrences) than vice versa (one occurrence), suggesting that the 

HTAS workflow is more sensitive than the infection RD- PCR. 

In addition, our results indicate that the different molecular parts of the workflow (DNA extraction, 

amplification and sequencing) were successful for all specimens included in the controlled laboratory experiment, 

confirming its effectiveness. The level of cross- contamination was relatively high, which is a common observation 

in NGS applications, especially those involving PCR steps (Ballenghien et al., 2017; Karstens et al., 2019; Lusk, 

2014). This was successfully resolved by applying stringent filtering of ASVs based on thresholds of read support. 

Simple precautions in the laboratory such as leaving empty wells between samples during PCR1 also significantly 

lowered the level of cross- contamination (our personal observation). Additionally, including additional negative 

controls such as an extraction blank and a sequencing blank can also help identify the sources of cross- 



 

contamination and control its impact on the ASV profiles. Although most markers were effectively sequenced, the 

distribution of reads among them was generally unequal and varied among taxa. This uneven distribution is a 

common feature in HTAS workflows (e.g., Lerch et al., 2017) and does not impair the outcome. Furthermore, 

amplicon balance can be improved by careful optimization of primer concentrations in the multiplex PCRs. Read 

distributions also depended strongly on infection status: snail markers in infected specimens had on average 

significantly fewer reads than in noninfected specimens because the relative proportion of trematode reads 

increased. 

4.3  | Sensitivity to discriminate between immature and mature infections 

We optimized our workflow to detect infections after 6 days and while being insensitive to earlier infections (after 

2 days). In the first few hours or days after miracidial penetration, schistosome infections are still being 

suppressed by the snail’s immunological system (Basch & DiConza, 1974; Pinaud et al., 2016). Therefore, the 

probability of abortion of the infection in case of an incompatible host– parasite combination is high compared 

to that in later stages. Consequently, the fact that the HTAS workflow is only sensitive to “successful” infections 

(i.e., it reliably detects infections from 6 days onward) helps to avoid false conclusions on host– parasite 

associations. However, additional research would be necessary to fully characterize the sensitivity of the workflow 

within a broader range of host and parasite species. 

The proportion of parasite reads obtained with the HTAS workflow in our time- series experiment reflected, at 

least semiquantitatively, the changes in parasite biomass within the snail throughout the infection process. 

Notably, the increase in parasite reads precedes the surge of parasite biomass caused by the rapid proliferation 

of daughter sporocysts (Théron et al., 1992), rather than following it. The proportion of parasite reads started to 

increase 6 days after infection, which coincides with a phase of intensive cellular division in the mother sporocyst, 

characterized by high mitotic activity in layers of germinal cells (Buddenborg et al., 2019). From 16 days onwards, 

the proportion of reads levelled off, whereas Théron et al. (1992) observed that the parasite biomass continues 

to increase. Thus, parasite DNA concentration may have passed a threshold after which PCRs saturate and do not 

yield a higher quantity of amplicons. By day 40, the proportion of parasite reads decreased slightly. Note that the 

number of infected snails (i.e., the infection rate) in our time- series experiment decreased at 40 days compared 

to previous time points, which was unexpected. An explanation could be that, because snails were killed at 

successive points in time, individuals that appeared unhealthy or moribund were preferentially killed to limit 

background mortality between the sampling points. As a consequence of this sampling strategy, the proportion 

of uninfected snails may have artificially increased towards the end of the experiment. Also, the decrease in the 

proportion of parasite reads could also reflect the start of parasite shedding, which reduces parasite biomass 

within the snail, but the number of infected snails at this time point (n = 2; Table 3) is too low to draw any 

conclusion. 



 

4.4  | Capacity to detect co- infections and parasite– parasite interactions 

Our workflow successfully distinguished co- infections by trematodes of different species, and even co- infections 

by different strains. This feature represents a major improvement over traditional shedding, genotyping using 

Sanger sequencing or RD- PCR (Bakuza et al., 2017; Eppert et al., 2002; Schols et al., 2019; Thiele & Minchella, 

2013) and will greatly facilitate the study of inter- and intraspecific parasite interactions within populations of 

their snail hosts. 

We generally observed lower read support for parasite ASVs in experimental co- infections compared to single 

infections. Given that the proportion of parasite reads is linked to changes in parasite biomass, this result probably 

indicates a relatively lower quantity of parasite template DNA within co- infected snails. In addition, the rates of 

co- infection in the controlled experiments were significantly lower than expected under random co- infection. 

This pattern implies either that our method cannot detect all co- infections or that the observed rates of co- 

infection reflect antagonistic parasite– parasite interactions. We cannot fully exclude the former hypothesis since 

we did not dissect the snails, but Norton et al. (2008) and Steinauer et al. (2009) reported laboratory and field 

observations corroborating intramolluscal competition between S. mansoni and S. rodhaini. This competition 

appeared mainly detrimental to S. rodhaini, which is consistent with the extremely low rate of infection by this 

parasite in our co- infection experiments. A potential biological explanation might be that developing S. mansoni 

larvae migrate earlier to the snail digestive gland than those of S. rodhaini (Théron & Touassem, 1989), potentially 

pre- empting the niche where cercariogenesis happens. Similar mechanisms may have caused the apparent 

advantage of SmLE over SmBRE in our experiments. Indeed, Le Clecʼh et al. (2019) showed that SmLE sporocysts 

grow faster and larger than those of SmBRE, and that the former is more virulent and deadly to the snail than the 

latter. The higher proportion of reads attributed to SmLE over both SmBRE and S. rodhaini corroborates the 

hypothesis that the former is the superior competitor in co- infections. 

4.5  | Applicability to other snail and parasite species 

Applying HTAS on wild caught Bulinus and Radix snails with previously established infection status indicated that 

our method is applicable to a wide diversity of Hygrophila and Trematoda. HTAS allowed the identification of most 

trematode infections detected previously and detected a few new ones (Table S3), thus showing a slightly higher 

sensitivity compared to the combination of cercarial genotyping and RD- PCR. The taxonomic resolution was also 

generally higher, as was the sensitivity towards detecting co- infection by strains belonging to the same species. 

However, some co- infections (primarily of Fasciola sp.) were consistently missed, suggesting either an issue with 

the primers or with the previously performed diagnostic. This will be investigated in future research. Given that 

the read support of individual ASVs might decrease under co- infection, the reliability to detect co- infections with 

HTAS may be optimized by increasing sequencing depth. 



 

4.6  | Advantages and drawbacks of the workflow 

Our HTAS workflow produces a wealth of molecular data on both hosts and parasites, enabling the analysis of 

trematode communities within snails with an unprecedented precision. The approach is cost- efficient compared 

to Sanger sequencing. Assuming a cost of 0.5€ for PCR amplification of one marker per sample, and 0.5€ for Sanger 

sequencing of one PCR product, it would cost 9€ per sample to sequence all nine markers. The cost would increase 

to 12.7€ per sample if we include DNA extraction and detection PCR, which is ~25% more expensive than HTAS 

(see Table S8). Furthermore, in the case of co- infections, a Sanger sequencing approach would yield much less 

information as it would provide only one sequence per marker, therefore reducing the sensitivity to detect co- 

infections. The long time required to perform the HTAS workflow (~8 weeks starting with PCR1) is compensated 

by the efficiency of multiplexing the PCRs, resulting in similar time investment for HTAS and Sanger sequencing. 

Nevertheless, the substantial cost and time required to implement HTAS limit its use for routine diagnostics or 

monitoring. For this, shedding experiments, xenomonitoring PCR, qPCR or environmental DNA tools that detect 

cell- free DNA of larval parasite stages (Alzaylaee et al., 2020) or the intermediate snail host (Mulero et al., 2020) 

in water samples are much more appropriate. Also, in the broader perspective of transmission ecology, it is known 

that not all infected snails contribute equally to transmission to further hosts. Therefore, surveys focusing on the 

final hosts are required to investigate actual cercarial transmission as xenomonitoring of intermediate host 

populations by itself does note address these aspects. 

Finally, both the concept and the protocol of the workflow are highly versatile for studying other snail- borne 

trematode communities. Depending on the specific target, primer concentrations in the multiplex PCR may be 

optimized to balance amplicon representation. Alternatively, depending on research interests, one may choose 

to remove snail or trematode markers to simplify the workflow and increase the coverage for the remaining 

markers. Altogether, our HTAS workflow opens new and exciting avenues to efficiently and accurately study 

trematode communities and parasite– parasite interactions within snail hosts. 
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FIGURE 1  

Schematic view of possible trematode life cycles in the freshwater environment. Trematodes parasitize their first 

intermediate snail host as a sporocyst or (if having a mouth) a redia. After reproducing asexually within the 

host, they develop into cercariae (motile larvae) that are released in the water. Cercariae may either infect a 

second intermediate host or a final host. Within the environment or the second and possibly third 

intermediate hosts, trematodes may survive encysted as metacercariae, which infect the subsequent host 

through ingestion. Within the final host, the larvae transform into mature adult worms and start producing 

eggs. Once the eggs are released into the water the eggs may either hatch into motile larvae called miracidia 

or they may be ingested by a snail. Parasite transmission between hosts can either be active, if the cercariae 

or miracidia actively seek their host, or passive through trophic transmission. Trematode larvae may also 

infect snail species in which they are unable to develop (incompetent host), which results in a dead-end. Note 

that host species and cercarial morphotypes are nonexhaustive 

 

 

 

  



 

FIGURE 2  

(a) Workflow of our controlled infection experiments, up to parasite exposure. From top to bottom, the 

represented parasite life forms are cercariae, eggs and miracidia, which are then used to infect snails (see 

main text).  

(b) Graphical representation of the infection experiments, showing the number of snails exposed to the various 

parasite strains (N) and the number of individuals sampled (n) at different times (T, in days) 

 

  



 

FIGURE 3  

Marker-specific proportion of reads supporting primary and secondary amplicon sequence variants (ASVs) of the 

four snail and five trematode markers, as obtained from the 417 laboratory-infected Biomphalaria glabrata 

specimens. 

 

  



 

FIGURE 4  

Comparison between the proportion of reads attributed to Schistosoma mansoni amplicon sequence variants in 

infected Biomphalaria glabrata snails throughout the time-series experiment (solid line; error bars reflect 

standard deviation on the mean) and the volume of parasite biomass within the snail’s digestive gland as 

reported by Théron et al. (1992; dashed line) 

 

  



 

FIGURE 5  

Comparison of the proportion of sequence reads supporting the COI2_trematode amplicon sequence variants of 

Schistosoma mansoni strain BRE (SmBRE) and S. mansoni strain LE (SmLE) in snails infected by either of the 

parasites alone or co-infected (controls and co-infection experiments included), on day 10 and day 40 after 

exposure. COI2_trematode was used because it is the only marker that allows distinction between both strains 

 

  



 

FIGURE 6  

Comparison of the proportion of sequence reads supporting the ITS2_trematode amplicon sequence variants of 

Schistosoma mansoni strain LE (SmLE) and Schistosoma rodhaini in snails infected by either of the parasites 

alone or co-infected (controls and co-infection experiments included), on day 10 and day 40 after exposure. 

ITS2_trematode was used because it was the most consistently represented amplicon 

 

 
  



 

TABLE 1  

Final primer pairs designed for the HTAS workflow, with sequence, marker name, expected amplicon size (which 

includes primers), and the final concentration of each primer in the multiplex primer mix. The last column 

indicates the average number of reads per sample attributed to the marker (after trimming), with standard 

deviation. For snail markers, all specimens (n = 417) were included in the calculation of read support whereas 

only infected specimens were considered for the read support of trematode markers (n = 229) 

 

 
  



 

TABLE 2 

Average proportion or reads (mean ± SD for the amplicon sequence variant (ASV) class/total reads per sample, in 

%) that were amplified for the nine primer markers per ASV category. Values in bold indicate statistically 

significant differences between the infected and uninfected specimens. Markers-specific thresholds for ASV 

filtering are indicated in the last column  

 

 

  



 

TABLE 3  

Rates of parasite infection (in % of n exposed snail specimens) as a function of time (in days) for the time-series 

experiment and controls. SmBRE refers to Schistosoma mansoni strain BRE and SmLE to S. mansoni strain LE 

 

 

  



 

TABLE 4 

Expected (see Théron et al., 2014) and observed proportions of infections by the different strains/species in the 

co-infection experiment, based respectively on the proportions observed in the controls and on the 

genotyping results for the co-exposed snails. P-values are provided for the G-test with null hypothesis of 

random co-infection, that is independent infection histories for both species/strains included. SmBRE refers 

to Schistosoma mansoni strain BRE and SmLE to S. mansoni strain LE 

 

 

  



 

TABLE 5  

Proportion of specimens per snail taxon for which each of the four snail markers was successfully sequenced (in 

%). The proportion of samples that contained secondary amplicon sequence variants, which indicates marker 

polymorphism, is indicated in parentheses (in %, absence of value = 0) 

 

  



 

TABLE 6  

Proportion of parasite infections per snail and trematode taxon for which each of the five trematode markers 

were successfully sequenced (in %). The proportion of samples that contained secondary amplicon sequence 

variants, which indicates intragenomic variation, is indicated in parentheses (in %, absence of variation = 0) 

 

 
 

  


