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Abstract: Electron microscopy has proved to be a major tool to study the structure of self-assembled
amphiphilic block copolymer particles. These specimens, like supramolecular biological structures,
are problematic for electron microscopy because of their poor capacity to scatter electrons and
their susceptibility to radiation damage and dehydration. Sub-50 nm core-shell spherical particles
made up of poly(hydroxyethyl acrylate)–b–poly(styrene) are prepared via polymerization-induced
self-assembly (PISA). For their morphological characterization, we discuss the advantages, limitations,
and artefacts of TEM with or without staining, cryo-TEM, and SEM. A number of technical points are
addressed such as precisely shaping of particle boundaries, resolving the particle shell, differentiating
particle core and shell, and the effect of sample drying and staining. TEM without staining and
cryo-TEM largely evaluate the core diameter. Negative staining TEM is more efficient than positive
staining TEM to preserve native structure and to visualize the entire particle volume. However,
no technique allows for a satisfactory imaging of both core and shell regions. The presence of long
protruding chains is manifested by patched structure in cryo-TEM and a significant edge effect in SEM.
This manuscript provides a basis for polymer chemists to develop their own specimen preparations
and to tackle the interpretation of challenging systems.
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1. Introduction

One major interest of amphiphilic block copolymers lies in their ability to form aggregates of high
morphological complexity. In the literature, there is an abundance of studies using amphiphilic block
copolymers of different compositions and block lengths that are able to self-assemble into a variety
of supramolecular aggregates, such as spheres, rods, lamellae, and vesicles [1]. The manipulation
of interfacial curvature plays a central role in the control of aggregate morphology. It should be
noted that not all these block copolymer supramolecular structures can be deemed nano-objects
(or nanoparticles)—only those whose three dimensions span from approximately 1 to 100 nm can
be [2]. Spherical nanoparticles are the most common and investigated copolymer nano-objects [3].
Among the plethora of methods developed for the formation of spherical, amphiphilic block copolymer
nanoparticles, nanoprecipitation and polymerization-induced self-assembly (PISA) are the most popular.
Nanoprecipitation involves the dissolution of a preformed copolymer in an organic water-miscible
solvent. Upon addition to the aqueous phase, the organic solvent immediately diffuses out, thus leading
to the formation of nanoparticles. In PISA, a lyophilic block is chain-extended using a monomer whose
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corresponding homopolymer is insoluble in the chosen solvent [4]. After reaching some critical degree
of polymerization (DP), the second block eventually becomes insoluble, thus resulting in a spontaneous
copolymer self-assembly and the formation of block copolymer nanoparticles.

Regardless of the synthetic pathway, block copolymer nanoparticles have attracted much attention
for a diverse range of applications [5] including therapeutics delivery [6,7], imaging contrast agents [8],
nanostructured films [9], stimuli-responsive nanomaterials [10,11], and the templating of inorganic
materials [12,13]. Crucial for many applications is the core-shell architecture in which the inner
region—mainly composed of the lyophobic blocks of the amphiphile—is surrounded by a brush-like
corona rich in lyophilic blocks [14]. Various examples have shown a strong link between core-shell
morphology and nanoparticles’ properties. In the field of nano-delivery systems, for instance, the inner
core is thus able to act as cargo space for the solubilization of lipophilic drugs, proteins, or nucleic
acids [15]. In bioimaging, the hydrophobic core can serve as nano-depot for the accommodation of
a fluorescent agent [16]. The engineering of the shell can be also utilized to attach bioactive ligands
(antibodies, peptides, etc.) in order to facilitate cell entry for targeted drug delivery but also to prepare
supported catalyst [17] or diagnostic systems [18]. Finally, latexes containing a soft shell and a hard core
can be used as building block for the creation of nanostructured coatings with improved mechanical
properties and film-forming ability [19].

Though a core-shell architecture has been claimed in many studies that have reported spherical
block copolymer nanoparticles, morphological characterization is usually insufficient [20]. In most
cases, the justification for core-shell structure is based only on thermodynamic incompatibility between
blocks or their difference of solubility in the continuous phase. There are only few examples where core
and shell components have been visually identified and differentiated, mostly through TEM [21–23].
Other imaging techniques such as SEM [24] or atomic force microscopy (AFM) [25] have been generally
overlooked. Very recently, Gianneschi and coworkers showed the ability of liquid cell TEM to visualize
copolymer micelles [26,27] and initiate their formation in situ [28]. The barriers to imaging particle
core-shell architecture include small diameters (sometimes well below 100 nm), low differential
contrasts, and limited thicknesses of the lyophilic shell. Considering the growing number of studies on
particles prepared by PISA [29] and, more generally, the recent developments of polymeric micelles
and nanoparticles in experimental medicine and pharmaceutical sciences [30], there is a need to carry
out a thorough review of the imaging techniques to substantiate claims of core-shell architecture.

In this study, we started from soft poly(hydroxyethyl acrylate)-b-poly(styrene) (PHEA–b–PS)
particles prepared via dispersion PISA. Relying on a recently published study on PHEAx–b–PSy

nanoparticles [12] (where x and y refer to the DP of the respective blocks), we chose a copolymer
composition located in the spherical aggregate regime for reasons of simplification. Subsequently,
model nano-objects with different lengths of PHEA shell-forming blocks were studied by three electron
microscopy (EM) techniques: conventional TEM with and without staining, cryo-TEM, and SEM.
The objectives of this present study were twofold: to learn which techniques are appropriate for
imaging the core-shell architecture of PHEA–b–PS particles and, more generally, to define the best
practices for the EM analysis of PISA-prepared particles. This is very important because the polymer
community is currently making intensive use of EM to study soft block copolymer nanoparticles
without always being aware of common errors in the interpretation of EM data like artefacts, sample
reorganization induced by drying, and image distortion caused by radiation damage.

2. Materials and Methods

2.1. Materials

Ruthenium (III) chloride hydrate (Acros Organics; 35–40% Ru), sodium hypochlorite (Acros
Organics; 10–15% active chlorine), uranyl acetate (Sigma-Aldrich), and diethyl ether (Sigma-Aldrich;
≥99%) were used as received. PHEAx–b–PSy copolymer latexes had a solid content of 18.7 wt %
and were dispersed in a mixture of methanol/water (95/5 wt %). PHEA23–b–PS130, with the number
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average molecular weight Mn = 18.0 × 103 g mol−1 and molecular weight dispersity Ð =Mw/Mn = 1.11,
were determined by size exclusion chromatography (SEC) in N,N-dimethylformamide. The DP
of each block was calculated by 1H NMR spectroscopy in D2O (PHEA block) and CDCl3 (PS
block). The z-average value of 79 nm was determined using dynamic light scattering (DLS).
For PHEA85–b–PS130, Mn = 23.1 × 103 g mol−1 and Mw/Mn = 1.43 were determined by SEC in
DMF. The z-average hydrodynamic diameter was estimated at 40 nm (DLS data). For each diblock
copolymer, SEC traces and DLS size distributions are provided in Figure S1 of the Supporting
Information (SI). The synthesis protocol and complete details on characterization methods were
described elsewhere [12], and they are briefly summarized in the SI.

2.2. Methods

DLS: The particle diameter and size distribution of diblock copolymer nano-objects were
determined using a VASCO nanoparticle size analyzer (Cordouan Technologies, Pessac, France)
with a 15 mW laser operating at a wavelength of 658 nm. The scattered light was detected at an angle
of 135◦. Prior to measurements, samples were diluted 20 times.

TEM: The TEM images of the copolymer nanoparticles were obtained with a JEOL ARM-200F
instrument working at 200 kV. The images were recorded with Gatan camera (Orius 1000 model).
Specimens were prepared on 400 mesh gold grids on which Formvar and carbon support films were
applied (Agar scientific, ref. AGS162A4). The number average diameter (Dn =

∑
DTEM/n where n

is the number of particles) was determined by using 200 particles. The polydispersity index (PDI)
(or dispersity, as recommended by IUPAC) was used to describe the breadth of particle size. The PDI
is defined as Dw/Dn, where Dw =

∑
D4

n/
∑

D3
n. The TEM grid underwent three types of specimen

preparations before analysis.

- For dried samples, latex samples were diluted 200 times with a methanol/water mixture (to get a
concentration of 0.1 wt %), cast onto the TEM grid, and dried overnight at room temperature.

- For positive staining TEM, ruthenium tetroxide (RuO4) vapors was produced in situ by reacting
0.5 mL of a 13 wt % aqueous solution of sodium hypochlorite with 150 mg of RuCl3·3H2O in a
10-cm diameter petri dish. A TEM grid with the disposed sample (the preparation of the grid
according to the same procedure as for dried samples/conventional TEM) was placed close to the
reaction mixture, and a second petri dish of similar size was positioned above to form a closed
chamber. The grid was left for 10 min. A scheme of the experimental set-up is available in the SI
(Figure S2) [31].

- For negative staining TEM, a rapid flushing method was implemented. The protocol was originally
developed by Imai et al. [32] and more recently adapted by Scarff et al. [33]. The idea of the method
is to minimize the time the sample has to interact with the support of the grid surface before
fixation. The goal is to hinder structural changes in the specimen that could occur upon prolonged
absorption time on the carbon film or through capillary action. Before sample application, the TEM
grid was faced upon a microscope slide and then irradiated in a glow discharge unit (UV/Ozone
ProCleaner Plus) for a minimum of 300 s to render it hydrophilic. As in a typical procedure,
70 µL of uranyl acetate (1 wt % solution in water) was drawn up into the tip of a 200 µL pipette;
10 µL of the air gap were subsequently drawn up, then a 20 µL of deionized water (acting as
wash/mixing agent) followed by another air gap of 10 µL, and finally 10 µL of sample solution
(1 wt %). The edge of the grid was gripped with a pair of negative pressure tweezers, holding
the tweezers so that the grid was angled at approximately 45◦ facing away from the researcher.
The entire content of the pipette tip was ejected across the face of the TEM grid. The excess of
stain was removed by touching the torn edge of a piece of filter paper to the edge of the grid.
The grid was left to dry over air. Due to difficulties to efficiently adsorb PHEA23–b–PS130-based
nanoparticles with the latter protocol, preparation conditions were changed: a 5 µL drop of
ethanol was applied onto 400 mesh Cu grids covered with a plain carbon film. After a 1 min
interaction, the excess was removed and a 5 µL drop of latex (0.1 wt %) was applied. After 1 min,
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the excess was removed by touching the torn edge of a piece of filter paper to the edge of the grid,
and a 5 µL drop of 2 wt % uranyl acetate aqueous solution was immediately added. After 1 min,
the grid was fully dried with a piece of filter paper, and a Tecnai G2 microscope (FEI) operating at
200 kV was used for the imaging of this PHEA23–b–PS130 sample.

Cryo-TEM: Five microliters of the sample (0.1 wt %) were applied onto a 400 mesh Cu grid covered
with a lacey carbon film that was freshly glow discharged to render it hydrophilic (Elmo, Cordouan
Technologies). The grid was rapidly plunged into a liquid ethane slush by using a homemade freezing
machine with a controlled temperature chamber. The grids were then mounted onto a Gatan 626
cryoholder and observed under low dose conditions on a Tecnai G2 microscope (FEI) operating at
200 kV. The images were recorded with a slow scan CCD camera (Eagle 2k2k FEI). The uncertainty of
particle diameters were uPHEA85-b-PS130 = 1.30 nm and uPHEA23-b-PS130 = 1.70 nm.

SEM: High resolution SEM images were obtained with a JEOL JSM-7900F scanning electron
microscope in gentle beam super high resolution (GBSH) mode. In this mode, an accelerating voltage
of 5.5 kV and a specimen bias voltage of −5 kV specimen were applied. The scanning transmission
electron microscopy (STEM) images were acquired at 30 kV on the same microscope using the DEBEN
GEN5 annular STEM detector. The previously prepared TEM grids were reused for the SEM and
STEM observations.

3. Results and Discussion

3.1. Synthesis of Amphiphilic Diblock Copolymer Nanoparticles PHEA-b-PS

Two types of model amphiphilic diblock copolymer nanoparticles, each containing a constant DP of
PS core-forming block (130) and varying DPs of the PHEA stabilizing block (23 and 85), were synthesized
with an alcohol-based PISA method described elsewhere [12]. The compounds had a relatively narrow
molecular weight dispersity: Ð =Mw/Mn = 1.11 (PHEA23–b–PS130) and 1.43 (PHEA85–b–PS130). In light
of the DLS data, the samples were found monodisperse, with z-averages (intensity weighted mean
hydrodynamic diameter) of 79 nm (PHEA23–b–PS130) and 40 nm (PHEA85–b–PS130). Using Mie theory
and the optical properties of nanoparticles, number-weighted average diameters were also estimated
at 39 nm (PHEA23–b–PS130) and 21 nm (PHEA85–b–PS130)—essentially for a comparative purpose with
EM data.

Due to the highly hydrophobic nature of PS, the growth of a polar PHEA block in a methanol/water
mixture leads to the selective solvation of the chains, inducing phase separation and particle
formation. As sketched schematically in Figure 1, the expected core shell architecture was thus
made up of a hard lyophobic PS core, a soft lyophilic PHEA shell, and an interfacial region within
which the composition varied continuously from one bulk phase to the other. The core-shell
architecture of these two PHEA–b–PS diblock copolymer nanoparticles of PHEA85–b–PS130 and
PHEA23–b–PS130 were systematically characterized using three different EM techniques—conventional
TEM (unstained samples, positively stained samples, and negatively stained samples), cryo-TEM,
and SEM—emphasizing their own advantages and limitations. A comparative study enabled to assess
how the DP of the PHEA stabilizing block affected nanoparticle morphology.
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3.2. Conventional TEM

3.2.1. Unstained Samples

We began with a TEM analysis of air-dried unstained specimens obtained from PHEA–b–PS
diblock copolymer nanoparticles. Conventional TEM is indeed the most straightforward and widely
applied method for studying the structure of PISA-derived particles, although it can also suffer from
non-negligible problems. Its main obstacle is the poor contrast between the different morphological
features. Contrast is hindered by the fact that most polymer blocks are amorphous, similar in electron
density, and have a limited scattering cross-sections [34]. In addition, the need for specimen drying
or high-energy radiation imposed by conventional TEM may create some artefacts by altering the
sample’s structure, topography, or chemical composition. This may particularly be the case when
block copolymer nanoparticles contain a polymer segment with a sub-ambient glass transition such
as PHEA.

Figure 2 shows high magnification TEM images of PHEA85–b–PS130 (Figure 2a) and PHEA23–b–PS130

(Figure 2b) dried nanoparticles obtained without staining preparation. To prove that these micrographs
are representative, low magnification images are available in the SI (Figure S3). The two objects commonly
exhibit a spherical shape and a narrow particle size dispersity (PDI ≤ 1.05). However, the particles also
display a number of differences, particularly in regard to size, morphology, the state of aggregation,
and surface structure, that merit more thorough discussion.
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Figure 2. Conventional TEM images of (a) PHEA85–b–PS130 and (b) PHEA23–b–PS130 block copolymer
nanoparticles. The inset shows the size distribution obtained from TEM measurements. The red arrows
in (b) highlight vesicular structures.

Size: In both instances, the number average diameters (Dn) were well below 100 nm.
PHEA85-b-PS130 featured significantly smaller sizes than PHEA23–b–PS130: 19.7 ± 3.0 and 36.4 ± 4.8 nm,
respectively. The difference of particle size can be attributed to the length of the lyophilic block that
determined particle stability against coalescence. Measurement uncertainty was evaluated for each
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sample: uPHEA23-PS130 = 0.5 nm and uPHEA85-PS130 = 1.4 nm. The values showed that reliable particle
sizing is possible. The fact that PHEA85–b–PS130 particles appeared with less details and sharpness
accounted for the higher uncertainty value.

Morphology: A close inspection of TEM images revealed differences other than particle diameters.
While Figure 2a shows a single particle morphology, Figure 2b shows a vast majority of homogenous
spherical particles (accounting for more than 95% of objects) and a few isolated vesicles readily
recognizable through their inside space (lumen) appearing brighter (indicated by arrows in Figure 2b).
The presence of this second minor population suggested the beginning of an order−order morphological
transition induced by a decrease of the PHEA stabilizer DP from 85 to 23. As shown in previous
reports [12], sphere-to-vesicle transitions could have resulted from the decrease of the effective volume
fraction of the hydrophilic block, that hence increases the packing parameter, P, for the copolymer
chains. We checked that a new decrease of stabilizing block DP from 23 to 17 resulted in the full
transition to vesicle morphology (see the images of PHEA17–b–PS136 particles in Figure S4 of the SI).
This conclusively supported our hypothesis that a PHEA DP of 23 is probably close to the sphere/vesicle
phase boundary.

Aggregation state: It is noteworthy that only the latex exhibiting the shortest PHEA block
(Figure 2b) showed signs of coalescence. Our interpretation was that there were drying-induced
artefacts due to insufficient steric stabilization. Firstly, because much less aggregated particles were
visible when decreasing particle concentration (Figure S5 in the SI). Secondly, DLS data did not show
any evidence of aggregates (Figure S1 in the SI).

Surface structure: Of particular interest is that no domain formation assigned to shell and core
regions were visible in TEM images. However, clear differences in the aspect of particle surface could
be seen. Only PHEA85–b–PS130 particles boasting the long PHEA stabilizing block showed unsharp
particle boundaries, while the PHEA23–b–PS130 particles displayed relatively sharp margins. This result
raises two questions. Firstly, were the dried samples representative for the native samples present in
dispersion? Secondly, did visible particles boundaries reflect the entire core-shell architecture? Because
the lyophilic PHEA phase had a sub-ambient TPHEA

g (−7.3 ◦C) (see differential scanning calorimetry
traces in Figure S6 and summary data in Table S1; the SI), the shell was susceptible to significant
structural changes upon drying. Our assumption was that PHEA segments could collapse upon
drying and form a thin film surrounding the PS core. Under these conditions, the poor mass–thickness
contrast of the PHEA phase could have prevented its visualization, and only the PS core (or PS rich
domains) may have been imaged. Because PS chains possess a much higher TPS

g (99.0 ◦C), distortions
induced by desolvation and exposure to electrons were minimized. Therefore, in conventional TEM,
image contrast from the background originated from the locally increased thickness of the bumpy PS
core. While the lyophilic shell cannot be unambiguously imaged, the lack of surface sharpness for
PHEA85–b–PS130 particles compared to PHEA23–b–PS130 particles may have translated to a higher
excluded volume for the longer PHEA block.

In summary, the TEM analysis of dried particle samples only evaluated the dimension of the core
due to collapse of the lyophilic shell upon drying. Hence, the misinterpretation of TEM data could
have resulted in errors in the determination of the particle diameter.

3.2.2. Positive Staining

To overcome the aforementioned limitations of conventional TEM, heavy-element-positive staining
can be used in order to increase specimen contrast and possibly resolve the PHEA shell unseen with
unstained samples. Only in a few isolated studies have staining methods been used to preferentially
visualize one phase of core-shell copolymer nanoparticles [35–39]. In the case of positive stain EM, the
higher contrast is generated primarily by the differential electron scattering due to more electron-dense
stained regions inside the particles and a less electron-dense unstained surrounding environment.

Figure 3 shows the same PHEA85–b–PS130 (Figure 3a) and PHEA23–b–PS130 (Figure 3b) samples
after RuO4-positive staining. RuO4 is a strong scattering agent that reacts with polymer regions
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inside the particle, thus improving the contrast [40]. Because of its high oxidative properties, RuO4 is
presumed to stain both PHEA and PS domains by reacting, respectively, with hydroxyl groups and
aromatic unsaturations [31,41,42]. Four different structural features can be highlighted:Polymers 2020, 12, x FOR PEER REVIEW 7 of 16 
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PHEA23–b–PS130.

Contrast: Regardless of the sample, the action of the stain considerably improved the image
contrast against the support film. Image contrast against a grid background can be further enhanced
after latex dialysis. In this case, the sample was devoid of soluble copolymer chains (Figure S7; the SI).
As noted previously, PHEA23–b–PS130 exhibited a pronounced tendency to form pools of clustered
particles, while PHEA85–b–PS130 particles were well separated.

Size: Interestingly, an increase of the average diameter Dn−RuO4
was also observed compared

to unstained analogues: 50% for PHEA85–b–PS130 (31.1 ± 3.8 nm) and 15% for PHEA23–b–PS130

(41.8 ± 7.2 nm). This increase was consistent with our hypothesis that the superficial PHEA-rich
region (shell) might be undetected with the unstained specimen and required staining to be revealed.
As further evidence, we noted that the size increase for PHEA85–b–PS130 particles was much larger than
for PHEA23–b–PS130, which was consistent with the longer PHEA block and more extended lyophilic
shell. It is worth noting that the diameter of the positively stained specimen significantly departed from
the number-weighted mean diameters estimated by the DLS measurements: 21 nm (PHEA85–b–PS130)
and 39 nm (PHEA23–b–PS130.). It has been well-reported that a direct comparison between the TEM of
dried particles and DLS data involving solvated particles is not always relevant [43].

Halo: As shown in Figure 3a, the positively stained PHEA85–b–PS130 showed a darker halo
contouring the spherical particles. It is therefore tempting to interpret this feature as a sign of a
core-shell architecture. However, the second sample with the short PHEA did not display the similar
darker annular contrast, and a control experiment with pure PS nanoparticles (not dialyzed) of similar
size subjected to the same staining procedure again showed the same artefact (Figure S8; the SI).
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The inner ring of darker contrast has been already described in the literature [44] and can be related to
two issues: a higher stain concentration at particle surface that makes the particles boundaries more
scattering [35] or the result of drying with the preferential adhesion of organic residue on particle
surface against the TEM support [45]. In our case, the purification of particles by dialysis did not
remove the dark ring (Figure S7; the SI), suggesting the minor role played by stain surface accumulation.

Morphology: Since RuO4 reacts with both polymer segments, it is not possible to achieve a
non-ambiguous differentiation of the particle core and shell. In order to preferentially stain the shell,
OsO4 was used because of its inefficiency to oxidize the PS phase. Unfortunately, the images (Figure S9;
the SI) were similar to those of the unstained samples (Figure 2), indicating that OsO4 staining was
ineffective and could not be selectively incorporated in one individual component.

In summary, an RuO4 stain cannot reveal the multiphase structure of composite PHEA–b–PS
particles. However, this positive staining is able to shape boundaries of polymer particles, which is of
high interest to get a complete picture of the particle. However, there are justified doubts about positive
staining’s ability to preserve the native structure of the specimen, as well as a trend to overestimate
particle diameter.

3.2.3. Negative Staining

Another complementary way to analyze soft nanomaterials is negative staining TEM, which
has been very popular for biological structures but much less employed for polymer colloids [35,37].
In negative staining, the stain does not penetrate the particles; rather it adsorbs to the surface and
is dissolved in the continuous phase. After solvent evaporation, the particles are enveloped by an
amorphous matrix of an electron-dense stain compound, with the advantages of increasing the contrast;
the image is therefore a kind of finger-print [46,47]. When it is properly performed, negative staining
with uranyl acetate (UAc) can also preserve the sample’s integrity, morphology, and size.

Figure 4 represents typical TEM images of two negatively stained samples derived from
PHEA85–b–PS130 (Figure 4a) and PHEA23–b–PS130 (Figure 4b) using UAc as the negative stain.
A few remarks can be made as dominant characteristics of negatively stained images.
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Contrast: As an indication that negative stain was successful, a contrast was produced between
the background and the particles. The particles appeared as light areas because of their low electron
scattering power relative to the dense surrounding stain, which scattered the electrons more and
appeared darker. However, the negative stain was unable to penetrate the object, so internal structural
details could not be deduced. Clearly, PHEA23–b–PS130 was more amenable to visualization by this
method than PHEA85–b–PS130. In this case, the copolymer assemblies were more fragile because of a
poorer steric stabilization caused by a shorter PHEA stabilizing block. As a result, the particles were
more likely to collapse or disassemble upon adsorption, staining, or drying on the grid.

Size and shell thickness: The number average diameters Dn−UAc = 29.7± 4.2 nm (PHEA85–b–PS130)
and 41.3 ± 5.1 nm (PHEA23–b–PS130) were substantially larger than those of the unstained samples.
This suggested that a negative coating at particle surface may have been efficient in revealing the
particle boundaries, which is a requirement for precise measurement of particle size. Slightly smaller
values were found compared to positively stained samples for PHEA85–b–PS130 (−5.1 nm) but not for
PHEA23–b–PS130. This could indicate that positive staining may have over-estimated the dimensions
of the nano-objects but only when the shell was extended. By comparing the negatively stained images
(Dn−UAc) where particles were presented in the most faithful way and the unstained image (Dn) was
only representative of the particle core, the thickness δ of the shell could be tentatively estimated
(δ = (Dn−UAc − Dn)/2). For PHEA85–b–PS130, δ ~ 5.0 ± 1.8 nm, while the δ of PHEA23–b–PS130 was in
the error range and could not be accessed with precision due to the limited extent of the PHEA domain.
PHEA85-b-PS130 was composed of 85 repeat units for the lyophilic backbone segment, which translated
to a maximum end-to-end distance of 15 nm for a fully stretched polymer chain. This value was thus
much larger than that of the new region revealed by negative staining. Two reasons are suggested to
explain this gap: Firstly, PHEA chains were not likely to be fully stretched because this conformation
was entropically unfavorable, and secondly, this soft shell was susceptible to contraction by drying
despite negative staining.

In summary, negative staining may be more efficient in preserving the pristine state of copolymer
nanoparticles and may shape the particular boundaries in a more faithful manner than positive staining.
A comparison with an unstained image can give an indirect access to shell thickness when spatial
resolution is sufficient. However, no all specimens are amenable to visualization by negative staining,
and core-shell phase differentiation remain inaccessible.

3.3. Cryo-TEM

Previous analyses have shown that PHEA–b–PS particles are problematic specimens for
conventional TEM, in particular due their proneness to dehydration in the vacuum of the electron
microscope. In what follows, the two same samples were analyzed by cryo-TEM, a useful technique
to visualize particle in their dispersion state by rapid vitrification in a thin layer of solvent. Though
cryo-TEM requires more complex specimen preparation, it is the only technique that is able to image
nanoparticles in their native form.

Figure 5 represents two typical cryo-TEM images of PHEA85–b–PS130 (Figure 5a) and PHEA23–b–PS130

(Figure 5b) nanoparticles at low magnification.
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Figure 5. (a) Cryo-TEM image of PHEA85–b–PS130 particles. Particle surface displays some dark spots,
better seen in the inset. Indicated by arrows, these spots correspond to PHEA chains pointing parallel to
the electron beam trough the continuous phase. (b) Cryo-TEM image of the PHEA23–b–PS130 particles.
Two particle morphologies can be distinguished: spherical particles and vesicles. The inset shows
the vesicle. The darker rim corresponds to the PHEA chains (short arrow), then the light grey the PS,
and finally, again, a darker thin rim for the PHEA chains in contact with the inner space (long arrow).
(c) Pure PS nanoparticles.

Size: We noticed that the average diameter of the PHEA23–b–PS130 particles (37.0 ± 5.5 nm) was
relatively similar regardless of the preparation method: 36.4 nm with drying and 41.8 and 41.3 nm
with positive and negative staining, respectively. In this case, the shell was thin (<2 nm), resulting
in minimal size deviations between techniques that could resolve PHEA region (negative/positive
staining TEM) and the others that could not. Conversely, PHEA85–b–PS130 presented a more extended
shell, and its apparent diameter was consistently more dependent on the EM preparation method.
Interestingly, the particle size calculated from the cryo-TEM image (21.6 ± 3.2 nm) was relatively
similar to that of unstained dried sample (19.7 nm) and, was therefore substantially lower than the
diameters derived from positively stained TEM (31.1 nm) and negatively stained TEM (29.7 nm).
This suggests that analysis of undried specimen by cryo-TEM also only evaluated the dimension of the
core. This time, the explanation was not the collapse of the hydrophilic shell but the difference of the
conformation between lyophilic and lyophobic chains. The PHEA chains were likely to be partially
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stretched, whereas the PS core was more closely packed due to its hydrophobic nature. The difference
of chain density between core and shell chains accounted for the mass–thickness contrast of PHEA
significantly smaller than that of PS, leading to a poorer capacity to scatter electrons.

Morphology: A more in-depth examination of the PHEA85–b–PS130 specimen obtained at high
magnification (see the inset of Figure 5a) revealed dark spots inside the particles. These features were
not artefacts and could be rationalized on the basis of extended PHEA chains pointing in a direction
parallel to the electron beam. Conversely, chains that were not parallel to the beam had a much lower
scattering efficiency and could not be imaged. Due to fast vitrification, the PHEA molecules usually
adopt random orientations in the amorphous ice layer; consequently, the PHEA chains at the edge of
the particle were unlikely to adopt this particular orthogonal orientation, making the visualization of
lyophilic shell impossible. In contrast, PHEA23–b–PS130 did not display a similar patched structure
since the short PHEA chains did not have a sufficient scattering efficiency. In the same sample, it was
noteworthy that some isolated vesicles could be detected in the inset of Figure 5b, supporting that
their presence in conventional TEM was not an artefact caused by drying or concentration effects.
In addition, no sign of coalescence was visible (as noted previously in TEM images), thus confirming
the previous assumption of drying-induced aggregation (vide supra).

Surface structure: Figure 5a shows that PHEA85–b–PS130 particles presented a fuzzy surface
that resembled an envelope, as opposed to the sharper surface of PHEA23–b–PS130 (Figure 5b) and
PS particles (Figure 5c) serving as benchmark. Used as benchmark latex, the particles appeared
homogeneous with a smooth surface. The fog surface, together with the irregular shape of the
copolymer nanoparticles, could be assigned to a brush structure with density fluctuation as opposed
to a dense core. This feature was reminiscent of a core-shell architecture, although no indisputable
proof was provided because no morphology domains could be imaged within the particle.

In summary, cryo-TEM cannot resolve the nanoparticle shell because the lyophilic PHEA in stretch
conformation forms regions with a low chain density and therefore poor electron capacity. When a
shell-forming block is long enough, its presence is manifested by an unsharp envelope and dark spots
inside the PS core suggestive of chains perpendicular to the plane.

3.4. SEM

SEM has distinctive advantages compared to TEM and cryo-TEM; in particular, finer surface
structure images can be obtained upon operating at lower accelerating voltages. Under these conditions,
the penetration and diffusion area of incident electrons is shallow. Surface structures are thus gained
because the number of secondary electrons emitted from the surface is maximized compared to
backscattered electrons generated from within the specimen [48]. SEM can be employed to analyze
nanoparticle size, shape, and surface structure.

Figure 6 displays SEM images of PHEA85–b–PS130 (Figure 6a) and PHEA23–b–PS130 (Figure 6b)
nanoparticles. To ease interpretation, a control analysis with PS nanoparticles was also carried out
(Figure 6c). To prove that these micrographs are representative, low magnification images are also
available in the SI (Figure S10). In all instances, an accelerating voltage of 5.5 kV was used during
image acquisition in order to emphasize surface structures. Thanks to a −5 kV specimen bias voltage,
the electrons eventually struck the sample with a landing voltage of only 500 V, thus protecting it
from damage.

Particle size: The number average particle diameters of PHEA85–b–PS130 (22.9 ± 2.9 nm) and
PHEA23–b–PS130 (34.8 ± 5.3 nm), as well as size dispersities (PDI ≤ 1.04), were comparable to those of
TEM (without staining) and cryo-TEM. This result suggested that SEM also failed to resolve the PHEA
shell of the PHEA85–b–PS130 specimen. However, particle core size and shape could be determined
with precision. Like previous TEM images, the PHEA23–b–PS130 latex exhibiting the shortest PHEA
block showed signs of coalescence attributed to drying.
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Figure 6. SEM images of (a) PHEA85–b–PS130, (b) PHEA23–b–PS130 diblock copolymer nanoparticles,
and (c) PS latex used as model latex. All images were obtained at a landing voltage of 500 V.

Surface structure: Using the PS latex as a benchmark, a thin bright corona attributed to edge effects
are visualized in Figure 6c [49]. It is well-established that particle edges (see schematic explanation
in Figure S11) allows for greater electron beam penetration into surface region. This results in the
generation/escape of a larger number of secondary electrons, giving rise to a typical bright particle
surface. By comparison, PHEA23–b–PS130 (Figure 6b) displayed a much thicker bright corona due
to the emission of more secondary electrons. PHEA85–b–PS130 particles (Figure 6c) appeared even
brighter because the surface may have had a higher secondary electron emitting capacity. The more
pronounced brightening of the copolymer particles compared to the PS particles could be reconciled
with the presence of protrusions onto the particle surface. The longer the PHEA chains, the greater
the edge effect. Another non-direct indication of core-shell morphology relies on extremely blurred
interphase, particularly for PHEA85–b–PS130-based nanoparticles.

Scanning transmission electron microscopy (STEM): The same tandem of nanoparticles
(PHEA85–b–PS130 and PHEA23–b–PS130) was also analyzed using an STEM detection mode.
This transmission working mode is known to provide a better spatial resolution than SEM because of a
stronger mass–thickness contrast. Accordingly, measurement uncertainties were of the same order of
magnitude or even weaker than for TEM data: uPHEA85−b−PS130 = 0.70 nm and uPHEA23−b−PS130 = 0.85 nm.
In addition, the accelerating voltage was much lower than in conventional TEM (30 kV versus 200 kV),
implying fewer risks of damaging the sample, especially the PHEA layer. The results gathered in
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Table 1 show a strong resemblance between STEM and TEM size in regard to average particle diameter
and measurement uncertainty. Again, staining revealed the entire particle volume without contrasting
shells and cores, while non-stained samples showed only the PS core. All STEM images are available
in Figure S12.

In summary, the edge effect in SEM might have been evidence of the presence of protruding
PHEA chains at the particle surface (although more evidence is needed). Nevertheless, the PHEA
shell could not be resolved in a way to allow for the precise determination of particle size and shape.
Therefore, the apparent diameter was largely the particle core. Interestingly, the STEM mode could be
considered a viable alternative to TEM to image the block copolymer nanoparticles.

Table 1. Comparison between particle size data determined by TEM and SEM.

Microscopic Method PHEA85–b–PS130 PHEA23–b–PS130

Dp, nm

TEM 19.7 ± 3.0 36.4 ± 4.8
TEM with RuO4-positive staining 31.1 ± 3.8 41.8 ± 7.2

STEM 20.2 ± 1.7 34.8 ± 2.6
STEM with RuO4-positive staining 28.1 ± 2.2 42.6 ± 4.0

4. Conclusions

Amphiphilic block polymer nanoparticles display a core-shell architecture, but the precise imaging
of their multiphase structure has long been elusive and problematic. Herein, we reported the
morphological characterization of two PHEAx–b–PS130 copolymer nanoparticles bearing short and
long PHEA stabilizing blocks (x = 23 and 85) using TEM, cryo-TEM, and SEM. The shell extent of
PHEA23–b–PS130 was too short to be resolved, regardless of the method. This explains why the particle
size given by the three EM techniques were in the same average order. By contrast, the PHEA85–b–PS130

particles boasting the longest PHEA stabilizing block showed significant differences depending on
the technique. The TEM analysis of air-dried unstained sample could only image the particle core,
and a blurred interface provided the hint of the shell existence. Staining is thus essential for shaping
particle boundaries, and negative staining using uranyl acetate seems more amenable than positive
staining (RuO4) to fix particles in their pristine form and then obtain a precise measurement of particle
size. However, here, no staining method was able to reveal the multiphase structure. Cryo-TEM
ensured that the specimens could be studied in their native form, but the solvophilic PHEA in stretch
conformation exhibited too poor an electron capacity to allow for visualization, and only protruding
chains appeared as dark spots from the particle interior. Like TEM and cryo-TEM, SEM could only
evaluate the PS core. However, fine surface structures reminiscent of PHEA shell could be imaged
through the “edge effect,” leading to highly bright particles with an unsharp interface. In conclusion,
no technique allowed for a satisfactory imaging of core and shell regions, but their combination gave
access to particle size, shell thickness, and specific morphological features suggestive of shell existence.
We believe that these findings will open new avenue in the rational use of microscopy techniques for
the analysis of soft self-assembled polymer nanostructures.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4360/12/8/1656/s1,
Figure S1: SEC traces and DLS size distributions of PHEAx-b-PSy copolymer nanoparticles; Figure S2: Schematic
representation of positive staining set-up; Figure S3: Low magnification TEM images; Figure S4: TEM image
of vesicles derived from PHEA17-b-PS136; Figure S5: TEM images of air-dried unstained PHEA23-b-PS130
nanoparticles at different concentrations; Figure S6: DSC traces of PHEAx-b-PSy diblock copolymer and individual
blocks; Figure S7: Effect of dialysis on TEM images; Figure S8: TEM image of air-dried unstained PS latex;
Figure S9: Positively stained TEM images; Figure S10: Low magnification SEM images; Figure S11: Representation
of edge effect in SEM imaging; Figure S12: Series of STEM images of PHEAx-b-PSy spherical nanoparticles; and
Table S1: Glass transition temperatures of copolymers.

Author Contributions: Investigation and writing—review and editing, visualization, V.T.; investigation and
resources, L.J.; investigation and resources, L.V.; investigation and resources, M.S. conceptualization, supervision,

http://www.mdpi.com/2073-4360/12/8/1656/s1


Polymers 2020, 12, 1656 14 of 16

and funding acquisition, J.P.; conceptualization, methodology, writing—review and editing, supervision, and
funding acquisition, A.C. All authors have read and agreed to the published version of the manuscript.

Funding: This research was funded by the Ministry of Higher Education and Research in France (“Ministère de
l’Enseignement Supérieur et de la Recherche”, MESR) for granting a PhD fellowship to Vitalii Tkachenko.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Letchford, K.; Burt, H. A review of the formation and classification of amphiphilic block copolymer
nanoparticulate structures: Micelles, nanospheres, nanocapsules and polymersomes. Eur. J. Pharm. Biopharm.
2007, 65, 259–269. [CrossRef] [PubMed]

2. Lee, B.K.; Yun, Y.H.; Park, K. Smart nanoparticles for drug delivery: Boundaries and opportunities.
Chem. Eng. Sci. 2015, 125, 158–164. [CrossRef] [PubMed]

3. Nicolai, T.; Colombani, O.; Chassenieux, C. Dynamic polymeric micelles versus frozen nanoparticles formed
by block copolymers. Soft Matter 2010, 6, 3111–3118. [CrossRef]

4. Zehm, D.; Ratcliffe, L.P.D.; Armes, S.P. Synthesis of Diblock Copolymer Nanoparticles via RAFT Alcoholic
Dispersion Polymerization: Effect of Block Copolymer Composition, Molecular Weight, Copolymer
Concentration, and Solvent Type on the Final Particle Morphology. Macromolecules 2013, 46, 128–139.
[CrossRef]

5. Le, D.; Keller, D.; Delaittre, G. Reactive and Functional Nanoobjects by Polymerization-Induced Self-Assembly.
Macromol. Rapid Commun. 2019, 40, 1800551. [CrossRef]

6. Blackman, L.D.; Varlas, S.; Arno, M.C.; Houston, Z.H.; Fletcher, N.L.; Thurecht, K.J.; Hasan, M.;
Gibson, M.I.; O’Reilly, R.K. Confinement of Therapeutic Enzymes in Selectively Permeable Polymer Vesicles
by Polymerization-Induced Self-Assembly (PISA) Reduces Antibody Binding and Proteolytic Susceptibility.
ACS Cent. Sci. 2018, 4, 718–723. [CrossRef]

7. Xiong, X.-B.; Falamarzian, A.; Garg, S.M.; Lavasanifar, A. Engineering of amphiphilic block copolymers for
polymeric micellar drug and gene delivery. J. Control. Release 2011, 155, 248–261. [CrossRef]

8. Reisch, A.; Klymchenko, A.S. Fluorescent Polymer Nanoparticles Based on Dyes: Seeking Brighter Tools for
Bioimaging. Small 2016, 12, 1968–1992. [CrossRef]

9. Chenal, M.; Rieger, J.; Véchambre, C.; Chenal, J.-M.; Chazeau, L.; Creton, C.; Bouteiller, L. Soft Nanostructured
Films with an Ultra-Low Volume Fraction of Percolating Hard Phase. Macromol. Rapid Commun. 2013, 34,
1524–1529. [CrossRef]

10. Cayre, O.J.; Chagneux, N.; Biggs, S. Stimulus responsive core-shell nanoparticles: Synthesis and applications
of polymer based aqueous systems. Soft Matter 2011, 7, 2211–2234. [CrossRef]

11. Bertrand, O.; Gohy, J.-F. Photo-responsive polymers: Synthesis and applications. Polym. Chem. 2017, 8, 52–73.
[CrossRef]

12. Tkachenko, V.; Matei Ghimbeu, C.; Vaulot, C.; Vidal, L.; Poly, J.; Chemtob, A. RAFT-photomediated PISA in
dispersion: Mechanism, optical properties and application in templated synthesis. Polym. Chem. 2019, 10,
2316–2326. [CrossRef]

13. Zhang, Y.; Wang, Z.; Matyjaszewski, K.; Pietrasik, J. Versatile PISA templates for tailored synthesis of
nanoparticles. Eur. Polym. J. 2019, 110, 49–55. [CrossRef]

14. Musyanovych, A.; Landfester, K. Core–Shell Particles. In Macromolecular Engineering; John Wiley & Sons,
Ltd.: Weinheim, Germany, 2011; pp. 1209–1247. ISBN 978-3-527-63142-1.

15. Biswas, S.; Kumari, P.; Lakhani, P.M.; Ghosh, B. Recent advances in polymeric micelles for anti-cancer drug
delivery. Eur. J. Pharm. Sci. 2016, 83, 184–202. [CrossRef] [PubMed]

16. Sun, G.; Berezin, M.Y.; Fan, J.; Lee, H.; Ma, J.; Zhang, K.; Wooley, K.L.; Achilefu, S. Bright fluorescent
nanoparticles for developing potential optical imaging contrast agents. Nanoscale 2010, 2, 548–558. [CrossRef]

17. Keller, D.; Beloqui, A.; Martínez-Martínez, M.; Ferrer, M.; Delaittre, G. Nitrilotriacetic Amine-Functionalized
Polymeric Core–Shell Nanoparticles as Enzyme Immobilization Supports. Biomacromolecules 2017, 18,
2777–2788. [CrossRef]

18. Ladmiral, V.; Semsarilar, M.; Canton, I.; Armes, S.P. Polymerization-Induced Self-Assembly of
Galactose-Functionalized Biocompatible Diblock Copolymers for Intracellular Delivery. J. Am. Chem. Soc.
2013, 135, 13574–13581. [CrossRef]

http://dx.doi.org/10.1016/j.ejpb.2006.11.009
http://www.ncbi.nlm.nih.gov/pubmed/17196803
http://dx.doi.org/10.1016/j.ces.2014.06.042
http://www.ncbi.nlm.nih.gov/pubmed/25684780
http://dx.doi.org/10.1039/b925666k
http://dx.doi.org/10.1021/ma301459y
http://dx.doi.org/10.1002/marc.201800551
http://dx.doi.org/10.1021/acscentsci.8b00168
http://dx.doi.org/10.1016/j.jconrel.2011.04.028
http://dx.doi.org/10.1002/smll.201503396
http://dx.doi.org/10.1002/marc.201300410
http://dx.doi.org/10.1039/C0SM01072C
http://dx.doi.org/10.1039/C6PY01082B
http://dx.doi.org/10.1039/C9PY00209J
http://dx.doi.org/10.1016/j.eurpolymj.2018.11.014
http://dx.doi.org/10.1016/j.ejps.2015.12.031
http://www.ncbi.nlm.nih.gov/pubmed/26747018
http://dx.doi.org/10.1039/b9nr00304e
http://dx.doi.org/10.1021/acs.biomac.7b00677
http://dx.doi.org/10.1021/ja407033x


Polymers 2020, 12, 1656 15 of 16

19. Chenal, M.; Véchambre, C.; Chenal, J.-M.; Chazeau, L.; Humblot, V.; Bouteiller, L.; Creton, C.; Rieger, J.
Mechanical properties of nanostructured films with an ultralow volume fraction of hard phase. Polymer
2017, 109, 187–196. [CrossRef]

20. Gosecka, M.; Gosecki, M. Characterization methods of polymer core–shell particles. Colloid Polym. Sci. 2015,
293, 2719–2740. [CrossRef]

21. Fenyves, R.; Schmutz, M.; Horner, I.J.; Bright, F.V.; Rzayev, J. Aqueous Self-Assembly of Giant Bottlebrush
Block Copolymer Surfactants as Shape-Tunable Building Blocks. J. Am. Chem. Soc. 2014, 136, 7762–7770.
[CrossRef]

22. Müllner, M.; Müller, A.H.E. Cylindrical polymer brushes—Anisotropic building blocks, unimolecular
templates and particulate nanocarriers. Polymer 2016, 98, 389–401. [CrossRef]

23. Gröschel, A.H.; Müller, A.H.E. Self-assembly concepts for multicompartment nanostructures. Nanoscale 2015,
7, 11841–11876. [CrossRef] [PubMed]

24. Wei, Z.; Gourevich, I.; Field, L.; Coombs, N.; Kumacheva, E. TEM Imaging of Polymer Multilayer Particles:
Advantages, Limitations, and Artifacts. Macromolecules 2006, 39, 2441–2444. [CrossRef]

25. Hu, X.; Tong, Z.; Lyon, L.A. Multicompartment Core/Shell Microgels. J. Am. Chem. Soc. 2010, 132,
11470–11472. [CrossRef] [PubMed]

26. Touve, M.A.; Figg, C.A.; Wright, D.B.; Park, C.; Cantlon, J.; Sumerlin, B.S.; Gianneschi, N.C.
Polymerization-Induced Self-Assembly of Micelles Observed by Liquid Cell Transmission Electron
Microscopy. ACS Cent. Sci. 2018, 4, 543–547. [CrossRef]

27. Parent, L.R.; Bakalis, E.; Proetto, M.; Li, Y.; Park, C.; Zerbetto, F.; Gianneschi, N.C. Tackling the Challenges of
Dynamic Experiments Using Liquid-Cell Transmission Electron Microscopy. Acc. Chem. Res. 2018, 51, 3–11.
[CrossRef]

28. Parent, L.R.; Bakalis, E.; Ramírez-Hernández, A.; Kammeyer, J.K.; Park, C.; de Pablo, J.; Zerbetto, F.;
Patterson, J.P.; Gianneschi, N.C. Directly Observing Micelle Fusion and Growth in Solution by Liquid-Cell
Transmission Electron Microscopy. J. Am. Chem. Soc. 2017, 139, 17140–17151. [CrossRef]

29. Lansalot, M.; Rieger, J. Polymerization-Induced Self-Assembly. Macromol. Rapid Commun. 2019, 40, 1800885.
[CrossRef]

30. El-Say, K.M.; El-Sawy, H.S. Polymeric nanoparticles: Promising platform for drug delivery. Int. J. Pharm.
2017, 528, 675–691. [CrossRef]

31. Li, W.S.J.; Ladmiral, V.; Takeshima, H.; Satoh, K.; Kamigaito, M.; Semsarilar, M.; Negrell, C.;
Lacroix-Desmazes, P.; Caillol, S. Ferulic acid-based reactive core–shell latex by seeded emulsion
polymerization. Polym. Chem. 2019, 10, 3116–3126. [CrossRef]

32. Imai, H.; Shima, T.; Sutoh, K.; Walker, M.L.; Knight, P.J.; Kon, T.; Burgess, S.A. Direct observation shows
superposition and large scale flexibility within cytoplasmic dynein motors moving along microtubules.
Nat. Commun. 2015, 6. [CrossRef] [PubMed]

33. Scarff, C.A.; Fuller, M.J.G.; Thompson, R.F.; Iadaza, M.G. Variations on Negative Stain Electron Microscopy
Methods: Tools for Tackling Challenging Systems. J. Vis. Exp. 2018, 57199. [CrossRef] [PubMed]

34. Yakovlev, S.; Libera, M. Dose-limited spectroscopic imaging of soft materials by low-loss EELS in the scanning
transmission electron microscope. Micron 2008, 39, 734–740. [CrossRef] [PubMed]

35. Gaillard, C.; Fuchs, G.; Plummer, C.J.G.; Stadelmann, P.A. The morphology of submicronsized core–shell
latex particles: An electron microscopy study. Micron 2007, 38, 522–535. [CrossRef]

36. Harris, J.R.; Roos, C.; Djalali, R.; Rheingans, O.; Maskos, M.; Schmidt, M. Application of the negative staining
technique to both aqueous and organic solvent solutions of polymer particles. Micron 1999, 30, 289–298.
[CrossRef]

37. Ferguson, C.J.; Russell, G.T.; Gilbert, R.G. Synthesis of latices with polystyrene cores and poly(vinyl acetate)
shells. 1. Use of polystyrene seeds. Polymer 2002, 43, 6371–6382. [CrossRef]

38. Fairley, N.; Hoang, B.; Allen, C. Morphological Control of Poly(ethylene glycol)- block -poly(ε-caprolactone)
Copolymer Aggregates in Aqueous Solution. Biomacromolecules 2008, 9, 2283–2291. [CrossRef]

39. Geng, X.; Zhai, M.X.; Sun, T.; Meyers, G. Morphology Observation of Latex Particles with Scanning
Transmission Electron Microscopy by a Hydroxyethyl Cellulose Embedding Combined with RuO4 Staining
Method. Microsc. Microanal. 2013, 19, 319–326. [CrossRef]

40. Trent, J.S. Ruthenium tetraoxide staining of polymers: New preparative methods for electron microscopy.
Macromolecules 1984, 17, 2930–2931. [CrossRef]

http://dx.doi.org/10.1016/j.polymer.2016.12.043
http://dx.doi.org/10.1007/s00396-015-3728-z
http://dx.doi.org/10.1021/ja503283r
http://dx.doi.org/10.1016/j.polymer.2016.03.076
http://dx.doi.org/10.1039/C5NR02448J
http://www.ncbi.nlm.nih.gov/pubmed/26123217
http://dx.doi.org/10.1021/ma052029z
http://dx.doi.org/10.1021/ja105616v
http://www.ncbi.nlm.nih.gov/pubmed/20669982
http://dx.doi.org/10.1021/acscentsci.8b00148
http://dx.doi.org/10.1021/acs.accounts.7b00331
http://dx.doi.org/10.1021/jacs.7b09060
http://dx.doi.org/10.1002/marc.201800885
http://dx.doi.org/10.1016/j.ijpharm.2017.06.052
http://dx.doi.org/10.1039/C9PY00079H
http://dx.doi.org/10.1038/ncomms9179
http://www.ncbi.nlm.nih.gov/pubmed/26365535
http://dx.doi.org/10.3791/57199
http://www.ncbi.nlm.nih.gov/pubmed/29443097
http://dx.doi.org/10.1016/j.micron.2007.10.019
http://www.ncbi.nlm.nih.gov/pubmed/18096395
http://dx.doi.org/10.1016/j.micron.2006.07.023
http://dx.doi.org/10.1016/S0968-4328(99)00034-7
http://dx.doi.org/10.1016/S0032-3861(02)00601-8
http://dx.doi.org/10.1021/bm800572p
http://dx.doi.org/10.1017/S1431927612014377
http://dx.doi.org/10.1021/ma00142a087


Polymers 2020, 12, 1656 16 of 16

41. Antonietti, M.; Berton, B.; Göltner, C.; Hentze, H.-P. Synthesis of Mesoporous Silica with Large Pores and
Bimodal Pore Size Distribution by Templating of Polymer Latices. Adv. Mater. 1998, 10, 154–159. [CrossRef]

42. Pusch, J.; van Herk, A.M. Emulsion Polymerization of Transparent Core−Shell Latices with a
Polydivinylbenzene Styrene and Vinyl Acetate. Macromolecules 2005, 38, 6909–6914. [CrossRef]

43. Hanus, L.H.; Ploehn, H.J. Conversion of Intensity-Averaged Photon Correlation Spectroscopy Measurements
to Number-Averaged Particle Size Distributions. 1. Theoretical Development. Langmuir 1999, 15, 3091–3100.
[CrossRef]

44. Renz, P.; Kokkinopoulou, M.; Landfester, K.; Lieberwirth, I. Imaging of Polymeric Nanoparticles: Hard
Challenge for Soft Objects. Macromol. Chem. Phys. 2016, 217, 1879–1885. [CrossRef]

45. Michen, B.; Geers, C.; Vanhecke, D.; Endes, C.; Rothen-Rutishauser, B.; Balog, S.; Petri-Fink, A. Avoiding
drying-artifacts in transmission electron microscopy: Characterizing the size and colloidal state of
nanoparticles. Sci. Rep. 2015, 5, 9793. [CrossRef] [PubMed]

46. Mackiewicz, M.; Stojek, Z.; Karbarz, M. Unusual swelling behavior of core-shell microgels built from
polymers exhibiting lower critical solubility temperature. Eur. Polym. J. 2017, 95, 314–322. [CrossRef]

47. Vanparijs, N.; Nuhn, L.; Paluck, S.J.; Kokkinopoulou, M.; Lieberwirth, I.; Maynard, H.D.; De Geest, B.G.
Core/shell protein-reactive nanogels via a combination of RAFT polymerization and vinyl sulfone
postmodification. Nanomedicine 2016, 11, 2631–2645. [CrossRef]

48. Vladár, A.E.; Hodoroaba, V.-D. Characterization of nanoparticles by scanning electron microscopy.
In Characterization of Nanoparticles; Elsevier: Amsterdam, The Netherlands, 2020; pp. 7–27. ISBN
978-0-12-814182-3.

49. Ul-Hamid, A. A Beginners’ Guide to Scanning Electron Microscopy; Springer International Publishing: Cham,
Switzerland, 2018; ISBN 978-3-319-98481-0.

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

http://dx.doi.org/10.1002/(SICI)1521-4095(199801)10:2&lt;154::AID-ADMA154&gt;3.0.CO;2-I
http://dx.doi.org/10.1021/ma050691p
http://dx.doi.org/10.1021/la980958w
http://dx.doi.org/10.1002/macp.201600246
http://dx.doi.org/10.1038/srep09793
http://www.ncbi.nlm.nih.gov/pubmed/25965905
http://dx.doi.org/10.1016/j.eurpolymj.2017.08.011
http://dx.doi.org/10.2217/nnm-2016-0214
http://creativecommons.org/
http://creativecommons.org/licenses/by/4.0/.

	Introduction 
	Materials and Methods 
	Materials 
	Methods 

	Results and Discussion 
	Synthesis of Amphiphilic Diblock Copolymer Nanoparticles PHEA-b-PS 
	Conventional TEM 
	Unstained Samples 
	Positive Staining 
	Negative Staining 

	Cryo-TEM 
	SEM 

	Conclusions 
	References

