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ABSTRACT

Microscopies have become pillars of our characterization tools to observe biological systems and assemblies. Correlative
and synchronous use of different microscopies relies on the fundamental assumption of non-interference during images
acquisitions. In this work, by exploring the correlative use of Atomic Force Microscopy and confocal-Fluorescence-Lifetime
Imaging Microscopy (AFM-FLIM), we quantify cross-talk effects occurring during synchronous acquisition. We characterize
and minimize optomechanical forces on different AFM cantilevers interfering with normal AFM operation as well as spurious
luminescence from the tip and cantilever affecting time-resolved fluorescence detection. By defining non-interfering experimental
imaging parameters, we show accurate real-time acquisition and two-dimensional mapping of interaction force, fluorescence
lifetime and intensity characterizing morphology (AFM) and local viscosity (FLIM) of gel and fluid phases separation of supported
lipid model membranes. Finally, as proof of principle by means of synchronous force and fluorescence spectroscopies, we
precisely tune the lifetime of a fluorescent nanodiamond positioned on the AFM tip by controlling its distance from a metallic
surface. This opens up a novel pathway of quench sensing to image soft biological samples such as membranes since it does
not require tip-sample mechanical contact in contrast with conventional AFM in liquid.

Introduction
Real space observation of biomolecules at high resolution is crucial to address fundamental biological questions. In this frame,
several microscopy techniques have been developed during the last decades and are currently well-established and available
allowing characterizations at different lengths and timescales. Cryogenic Electron Microscopy (cryo-EM) offers nowadays
the highest spatial resolution at the molecular and sub-molecular length scales but cannot image living cells in physiological
conditions1. For that, a large variety of optical-based microscopies are available, historically less resolved than cryo-EM
because of the diffraction limit. However, some recently developed super-resolution techniques such as Stimulated Emission
Depletion Microscopy (STED)2, Stochastic Optical Reconstruction Microscopy (STORM)3, Photoactivated Localization
Microscopy (PALM)4 and MINFLUX5 have bypassed the diffraction limit and improved the lateral resolution down to a
few nanometers. While they do have some drawbacks both in terms of photo-toxicity or acquisition speed, their popularity
nowadays reflects their coming of age. When it is to observe bio-interfaces at high resolution in physiological conditions, in a
label-free configuration, Atomic Force Microscopy (AFM)6 and its fast video-rate version High-Speed AFM (HS-AFM)7, 8 are
outstanding techniques to obtain morphological and mechanical information at nano-scale. While all microscopies provide
complementary physical and chemical information at different spatial and temporal resolutions, the challenge is now to get
correlative observations of biological processes with two or more techniques that require important technological efforts.

As examples, cryo-EM and 3D super-resolution fluorescence have been coupled to aid protein localization in EM images9,
as well as STED10, STORM11, 12 and Super-Resolved Structured Illumination Microscopy (SR-SIM)13 have been successfully
coupled with AFM. Combining conventional fluorescence and AFM has become increasingly popular since both techniques can
work in biologically relevant conditions and they acquire complementary information: specificity mapping of proteins given
by specific fluorescent probes nicely complements the high-resolution AFM images. Confocal Laser Scanning Microscopy
(CLSM) and AFM have been coupled at first in 199514 to image Langmuir-Blodgett films of 10,12-pentacosadiynoic acid.
In the following decades, a large number of setups following similar operational schemes based on fixed optical axes, fixed
tip position, and a scanning sample were developed15–20. In most setups, AFM and fluorescence images are acquired in a
sequential manner, and correlation between images is generated afterwards21, 22. However, synchronicity is of high importance
as it permits to follow dynamical biological processes.

In addition, it allows the acquisition of optical images while a force is applied by the AFM tip in pump and probe
experiments, for instance, monitoring the response of a living cell to an AFM tip indentation or during single-molecule



manipulation23, 24. This simultaneous modality is often not allowed due to interference and cross-talk during simultaneous
image acquisition resulting in worse performance and data quality, both effects often ignored in the existing literature and only
very rarely discussed20, 25. When coupling fluorescence (in both wide-field26 and confocal20 excitation schemes) with AFM, it
is, therefore, of critical importance to eliminate any cross-talking between the two techniques by understanding, quantifying,
and reducing the artifacts occurring during synchronous operation. We can divide artifacts into two categories:

1. AFM acquisition being affected by the excitation laser used to excite fluorescent probes. The interaction of the laser
confocal spot and the AFM tip/cantilever could give rise to optomechanical/photothermal forces that can deflect the
cantilever in a non-linear way which depends upon the distance from the sample. Since in time-resolved fluorescence
experiments the excitation laser is continuous or pulsed at operating frequencies in the MHz regime, typically much higher
than the most of cantilever resonance frequencies, the measured force (the deflection) is due to the static component of
the excitation.

2. Fluorescence acquisition being affected by the presence of the AFM tip/cantilever. AFM tip luminescence gives rise to a
spurious signal in the photons detection that might not be fully eliminated if there is an overlap between tip/cantilever
fluorescence and the sample emission spectra.

In the case of wide-field epifluorescence, the optomechanical interactions between light and the cantilever body can result in
large cantilever deflections. Cazaux et al. have used these deflections as a mean to mechanically synchronize AFM and optical
measurements26. A wide-field excitation scheme such as Total Internal Reflection excitation (TIRF) eliminates most artifacts
since it limits the interaction of light only to a few hundred nanometers above the glass coverslip, where solely the tip’s end is
present, the cantilever being typically few microns axially farther. A large number of simultaneous experiments were reported
in the last two decades using this modality27–31. However, this type of illumination is not suitable for thick samples such as
cells, since the tip will be positioned at the apical cellular membrane axial position, out of the evanescent excitation field.

Confocal microscopy is perfectly suited for such cellular imaging, but the interaction of the AFM tip and the confocal
spot can, unfortunately, extend to a greater distance. In this work, we focus on the coupling between a confocal spot and an
AFM tip/cantilever with the aim to investigate and quantify photothermal induced deflection resulting from the presence of
metal coating at the cantilever backside32, radiation pressure exerted on the tip33 due to the scattering of the confocal spot and
finally tip/cantilever luminescence16. We show that all effects highly depend on the choice of the AFM tip and cantilever. We
conclude that tip geometry, material, and metallic coating at the cantilever backside, as well as cantilever stiffness, are the key
parameters to be taken into account. We also present how these common pitfalls can be avoided, or highly minimized, so there
is no spurious cross-talk in the acquired images. As proof of principle we imaged synchronously the topography, lifetime, and
fluorescence intensity of gel and fluid phases in Supported Lipid Bilayer (SLB), labeled with a BODIPY fluorescent probe.
Finally, for the first time, to the best of our knowledge, we implemented a simultaneous AFM Force Spectroscopy (AFM-FS)
and confocal fluorescence spectroscopy operational scheme. In this way, we probed the force and lifetime variation due to
Metal Induced Energy Transfer (MIET) between the Nitrogen-Vacancy (NV) centers in a nanodiamond attached to the apex
of an AFM tip and a substrate of thin gold, therefore, enabling a novel pathway of quench sensing and opening up novel
non-invasive imaging modes in liquid that can be used to image soft and fragile biological specimens.

Results
The synchronous imaging acquisition setup based on confocal excitation is described by Fig. 1. The excitation source is a
supercontinuum pulsed laser where an excitation band-pass filter enables the convenient switching between different excitation
wavelengths for multi-color fluorescence acquisition. The light is focused by a high Numerical Aperture objective (NA = 1.4).
The emitted fluorescence photons are collected by the objective, focused on a pinole, recollimated, filtered by an emission filter
and finally focused on an Avalanche Photodiode (APD) connected to a Time-Correlated Single Photon Counting (TCSPC) card.

The AFM is mounted on top of an inverted microscope where the sample and the tip can be displaced independently with
two XYZ piezo scanners. The synchronization of the AFM and the TCSPC card is made by routing the events (photons)
with a Transistor-Transistor Logic (TTL) signal generated by the AFM electronics controller, therefore, enabling to assign a
xy/z-position for each photon. Topography, intensity, and lifetime signals from the setup are used to construct simultaneously
an AFM and two optical images, respectively. If operated in force spectroscopy mode, (AFM-FS), force, intensity, and lifetime
curves versus tip-sample distance are simultaneously acquired. The lifetime was either evaluated for each image pixel by fitting
a decay curve with a single exponential or, in AFM-FS mode, by amplitude weighting the decay curve (see Materials and
Methods section). It is worth to notice that is crucial to use a short-pass filter (AFM laser filter) before the APD to filter out the
light used in the AFM cantilever monitoring setup (AFM laser)34, usually called optical beam deflection.

As previously mentioned, the interaction of the focused excitation light and the AFM tip can give rise to two different
phenomena: optomechanical forces and/or tip/cantilever luminescence, where the former branches into radiation pressure and
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Figure 1. AFM and inverted confocal microscope setup, where the AFM and the optics are coupled by synchronizing the photons acquisition
with a TTL signal from the AFM electronics controller. Convergent lenses are indicated as L.

photothermal effect. Radiation pressure (Fig. 2a) will always be present in all cases since the scattering of the incoming light
will generate forces due to change in momentum of light. Momentum conservation dictates that the cantilever will be deflected
upwardly by this force. Photothermal deflection (Fig. 2b) is present if the cantilever is composed of two different materials
(similarly to a bimetallic strip), which is the case of metal-coated cantilevers, where a thin layer of metal is deposited onto
the cantilever backside to improve reflectivity. For visible light, gold will absorb more than either silicon or silicon nitride
(higher extinction coefficient) and, due to its higher thermal expansion coefficient, it will expand more when heated by the
laser. This differential expansion will cause a downwards bending of the cantilever. Spurious luminescence (Fig. 2c) can arise
from two sources: 1. the material of the tip/cantilever itself can present luminescence properties, as in the case of amorphous
silicon nitride, particularly important at wavelengths higher than 800 nm16. 2. The coating on the cantilever backside can be
luminescent as well, as for example gold that emits in the red region of the spectrum35. It is worth to notice that backscattered
light will occur in all possible configurations since the tip will always scatter the incoming light of the confocal spot in all
directions and, therefore, for the same reason radiation pressure will always be present. However, most of the backscattered
light can be easily eliminated by a notch filter when it is not already sufficiently reflected by the emission filter.

Figure 2. Possible AFM tip and confocal spot interactions: radiation pressure (a), photothermal induced deflection (b), and cantilever/tip
luminescence (c).

We characterized and quantified these effects by operating the AFM in the reverse-tip imaging configuration36. The confocal
spot is focused 4µm from a glass coverslip and held in place throughout the measurement. Using the hover mode of the AFM
(see Material and Methods), the tip scans the glass coverslip in the trace scan and then, in the retrace scan, the tip follows
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the retrace topography vertically displaced in z by a given distance specified by the user. In this way, it is possible to make a
constant height image even if the sample is inclined. In this mode, the deflection of the cantilever is monitored in the retrace
scan without an active feedback. Deflection (force) and intensity (photon counter) images are acquired during scan, as shown in
Fig. 3. The resulting images will be of the interaction of the confocal spot with different regions of the tip for different focal
planes. In this operational scheme, the confocal spot is steady and operates as a “probe” while the AFM tip and cantilever are the
samples to be measured, hence the name, reverse-tip imaging. We used three AFM cantilevers with different specifications: a
protruding silicon tip (Fig. 3a), a quartz-like tip with gold coating on the cantilever backside (Fig. 3b) and silicon nitride (Si3N4)
with a gold-coated cantilever (Fig. 3c), commercially available as ATEC-CONT (Nanosensors), qp-BioAC (Nanosensors), and
MLCT-BIO-DC (Bruker), respectively. The images were acquired both with the tip in focus and out-of-focus positions to
observe the different interactions of the confocal spot (300 µW power, 532/10 nm wavelength) with the AFM tip and cantilever
body.

Figure 3. Simultaneous photon counts (panels 1, 3, and 5) and force (panels 2, 4, and 6) scans for three different AFM cantilevers: (a)
ATEC-CONT, (b) qp-BioAC, and (c) MLCT-BIO-DC. The images were acquired using a reverse-tip image operational scheme where the
confocal spot is a probe and the AFM tip and cantilever are samples to be measured. Data were collected with a 532/10 nm excitation filter, a
690/50 nm emission filter, and a laser power of 300 µW. Subfigures 1-2, 3-4, and 5-6 were acquired at different distances from the confocal
spot focal plane. The scale bar is 5 µm for all images. In the schematic of the cantilevers, the nominal cantilever length and the red and blue
arrows indicate positive and negative force directions, respectively, corresponding to the color scale in panels 2, 5, and 6. Intensity (photon
counter) images (panels 1, 3, and 5) are given in counts per second (cps) and were recorded directly from the APD. The cantilever used from
the qp-BioAC is the CB2 while the one for MLCT-BIO-DC is the cantilever C. The Point Spread Function (PSF) of the confocal spot is
≈ 400 nm.

Given the large emission spectra of silicon37, silicon nitride16, and the metallic coating on the cantilever backside, in
our case gold35, the choice of the emission filter is not crucial if compared to fluorescence imaging of conventional organic
fluorophores characterized by narrow emission spectra. In Fig. 3 we used a 690/50 nm emission filter. Panels 1, 3, and 5 show
the photon intensity signal whereas panels 2, 4, and 6 display the vertical force acting on the AFM cantilever. Fig. 3a shows that
the ATEC-CONT has a bright central spot in the photon intensity channel that is due to tip luminescence and presents a positive
force in the range of a few hundred of piconewtons. By inserting a notch filter in the emission path, no significant change in the
photon intensity channel is observed, which shows that backscattering contribution is minimal and it is completely filtered out
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by the band-pass emission filters. Such a positive force is a direct consequence of the radiation pressure acting on the cantilever
due to the backscattered light. With the qp-BioAC (Fig. 3b) the situation is consistently different: the force is negative and
it has a maximum modulus of ≈ 7 nN. The confocal spot interacts strongly with the gold reflective coating on the cantilever
backside, as shown in the photon intensity images, Fig. 3b panels 1, 3, and 5. As a consequence, the interaction induces a
differential heating that bends the cantilever downwards due to photothermal effects. The intensity signal presents no direct
correlation with the force observed and is highly dependent on the cantilever bending angle. In contrast with the previous
case, the tip position is characterized by a darker spot in the photon intensity image (Fig. 3b panel 5) that is due to the fact
that both excitation light and gold emission have to pass through the tip, therefore through a higher quantity of material. As a
consequence, we collect less fluorescence emitted by the reflective gold coating material when the tip and confocal spot are
aligned. The MLCT-BIO-DC (Fig. 3c) shows a mix of radiation pressure and a mild photothermal deflection contributions in
the force signal. In this case, it is also possible to observe the interaction with the tip’s gold-coating but the thermal effects are
not as drastic as before, leading to a positive total force acting on the cantilever when the tip and confocal spot are aligned (see
Materials and Methods). The small deflection of the MLCT-BIO-DC, despite the presence of a gold coating at the cantilever’s
end, could be attributed to its manufacturing process, optimized to minimize probe bending due to elevated temperatures.

Given the data presented in Fig. 3, the arising question is what cantilever is worth using to reduce cross-talk between AFM
and time-resolved fluorescence acquisitions in correlative experiments. Fig. 4a presents time-resolved fluorescence decay curves
acquired for the three AFM cantilevers of Fig. 3 with a high laser power of 300 µW to maximize signal to noise ratio for the
less luminescent ones. MLCT-BIO-DC (yellow curve) has the highest intensity signal by two orders of magnitude and presents
a long lifetime in comparison with the qp-BioAC (red curve) and the ATEC-CONT (green curve). While ATEC-CONT and

Figure 4. (a) Luminescence decay curves for different AFM cantilevers and (b) variation of the measured force as a function of the laser
power. The cantilevers are qp-BioAC (red), MLCT-BIO-DC (yellow), and ATEC-CONT (green). The inset in (b) shows a zoom of the region
of low power, highlighted by the ellipse. Positive force is characterized as radiation pressure while negative force is photothermal induced
deflection. The slopes of the lines in (a) are: ATEC-CONT (2.47±0.13 pN/µW), MLCT-BIO-DC (0.59±0.02 pN/µW), and qp-BioAC
(−2.24±0.03 pN/µW). All curves were acquired with a 532/10 nm excitation filter, with a 690/50 nm emission filter, and 300 µW power
in (a). The positive force region is colored in green to indicate the radiation pressure regime whereas the negative force region is colored in
purple to indicate the photothermal regime.

qp-BioAC will affect the measured lifetime of fluorescent probes characterized by a short (≈ 1 ns) lifetime, the MLCT-BIO-DC
will affect a larger variety of fluorophores presenting even longer lifetimes. In addition, we monitored the variation of the
spurious force as a function of the incident laser power (Fig. 4b). The force scales linearly with the power and the different
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cantilevers branch in the two categories depending on the nature of the optomechanical interaction: radiation pressure and
photothermal induced deflection.

It is worth to notice that the photothermal deflection computed in this case, for a laser power of 300 µW, is inferior in
modulus to the 7 nN shown in Fig. 3b because in the latter case the maximum force is measured with the confocal spot focused
on gold-coated cantilever backside and not on the AFM tip as in Fig. 4b, as previously mentioned. Table 1 reports the slopes
from Fig. 4b, force versus laser power, which indicates the significance of the force for a given probe.

Table 1. Slopes of the fits in Fig. 4

Cantilever Brand Optomechanical
constant [ pN/µW ]

ATEC-CONT Nanosensors 2.47±0.13 pN/µW
qp-BioAC Nanosensors −2.24±0.03 pN/µW

MLCT-BIO-DC Bruker 0.59±0.02 pN/µW

Concluding, low laser power should be used, and the relative position between the tip and the confocal spot should be
held constant, leading to a change of the cantilever equilibrium position while avoiding a change of relative deflections. In
addition, our data suggest the qp-BioAC cantilevers should be employed to accurately evaluate the lifetime of the fluorescent
probes within the sample (Fig. 4a). Instead, MLCT-BIO-DC cantilevers, presenting lower spurious force, are more suited for
experiments where low AFM interaction forces have to be measured and in presence of a large number of fluorophores in the
excitation volume, ensuring high signal to noise ratio to properly evaluate their lifetime.

The advantage of the correlative AFM-FLIM imaging mode relies on the complementarity of the two techniques. To
prove that, we imaged fluid and gel phases enriched domains in biological model membranes, correlating their morphology
(AFM) with their local viscosity (FLIM). We used a lipid mixture of 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC),
1,2-dioleoyl-sn-glycero-3- phosphocholine (DOPC) in 1 : 1 molar ratio supplemented with 0.1% in volume of 2-(4,4-difluoro-
5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine (BODIPY). For the
simultaneous acquisition of AFM, confocal microscopy, and FLIM (shown in Fig. 5), we used the qp-BioAC cantilever and
a laser power of 120 nW, ensuring, as previously explained, the highest accuracy for BODIPY lifetime evaluation while
minimizing the spurious force during AFM acquisition.

Figure 5. AFM morphology (a), fluorescence intensity (b), and lifetime (c) of DOPC:DPPC (1 : 1 molar ratio) labeled with 0.1% BODIPY
model membranes. The three images were synchronously acquired. The scale bar is 5 µm, the power used was 120 nW with a 488/10 nm
excitation filter and a 525/39 nm emission filter. The tip used was a qp-BioAC. The dashed white line serves as visual aid for the separation
of the two domains.

Both topography (Fig. 5a) and fluorescence intensity (Fig. 5b) show that the DPPC enriched regions (higher thickness)
have lower BODIPY concentration. Wu et al. showed in Giant Unilamellar Vesicles (GUVs) that high viscosity lipids present
higher lifetime, hence lifetime can be used to probe directly the lipids viscosity38. Fig. 5c shows that DPPC enriched domains
have higher lifetime when compared with DOPC domains, this is expected since DPPC is a gel-phase lipid, hence more
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viscous than DOPC, a fluid-phase lipid. The higher lifetime, above 3 ns, when compared to Wu et al. ≈ 1.8 ns38, can be
attributed to the fact that supported bilayers are red on top of a substrate (glass), inducing different physical behaviors in terms
of lipid diffusion and potentially local viscosity when compared to free-standing bilayers in the GUVs case. Indeed, even if the
presence of a layer of buffer (2-3 nm thickness) between the lipid polar heads and the substrate generally prevents an important
hindrance in lipid diffusion39, it is known that the latter can be reduced as compared to giant unilamellar vesicles40. The tip
luminescence, dominated by low lifetime (< 1 ns) is not present in the simultaneous AFM-FLIM imaging (see sections 3 and 5
of the supplementary information).

Minimizing tip/cantilever luminescence and optomechanical forces is relevant also in synchronous AFM-FS and fluorescence
spectroscopy experiments. In this novel operational scheme, the AFM tip has fluorescent properties that can be correlated with
the force measured by AFM while being approached or retracted from the sample. The force readout can be used to define the
mechanical contact position between the sample and the fluorescent probe and, subsequently, the latter can be accurately placed
with nanometric precision at a given distance from the sample and its lifetime can be probed.

To demonstrate that, we show the decrease of lifetime of NV centers in a diamond nanoparticle due to MIET41 while
the nanodiamond is approached to a gold substrate. Fig. 6 shows an example of nanopositioning and nanomanipulation of
a nanodiamond attached to the apex of an AFM tip. Figs. 6a and b show a plot of the decays for every pixel (z-position,

Figure 6. Simultaneous force curve and nanodiamond lifetime measurements approaching and retracting a gold substrate. Photons are
synchronized with TTL from the AFM that enables the acquisition of decay curves for every z-position of the tip. (a and b) show the tip
z-position versus time (decay curves), where the color scale represents the number of photons collected. (c and d) show the lifetime of the
nanodiamond in function of the tip position. (e and f) show the standard force curves unfolded so approach and retract curves are separated in
the negative and positive axis, respectively. The blue curves in (c-f) consists of the approach whereas orange region the retract. The green
curves in (c and e) constitute a region where the tip was paused for 2 seconds. The light gray region displays the non-contact (zero force)
interactions whereas the darker gray consists of the contact regime. A 532/10 nm excitation filter was used with a 709/167 nm emission
filter with power of 90 µW. The dark gray curves in (c and d) show the data with spatial (9 neighbors) and temporal (4 neighbors) binning
(filter). The same binning is also applied to (a and b) to aid visualization. An ATEC-CONT was used in (a, c, and f) whereas in (b, d, and f) a
modified qp-BioAC red(CB1) with a plateau was used. Tip schematics in e and f show an AFM tip with a nanodiamond (in red) and the gold
substrate (yellow). In the retract curve of (e) the nanodiamond is left on the surface whereas in (f) it is kept at the tip’s end.

axis), where the color scale represents the number of photons collected, acquired simultaneously with a force curve Fig. 6e
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and f. The experiments were performed in Dulbecco’s Phosphate-Buffered Saline (DPBS) solution. Firstly, we approached an
ATEC-CONT tip holding a nanodiamond at its apex to a gold substrate, pressed with a high force (10 nN) and held in place
for 2 seconds (Figs. 6a, c, and e). This allowed the nanodiamond to dislodge from the tip and to stay permanently on the
gold. The tip was then retracted without the nanodiamond. This can be clearly seen from Fig. 6c, where the lifetime decreases
approaching the gold and never recovers back during tip retraction from gold. The lifetime of the nanodiamond changes from
12.60±0.28 ns to 11.69±0.30 ns, which corresponds to a quenching efficiency of ≈ 7.2 %. In a second experiment, showed
in Figs. 6b, d, and f, we used a modified qp-BioAC (CB1) with a plateau at its end holding a stable nanodiamond at the tip’s
apex (see Materials and Methods section). In this configuration, the fluorescent nanodiamond is approached, pressed with lower
force (5 nN), and retracted from the gold substrate without being dislodged from the AFM tip. The lower force is a requirement
to avoid the loss of the nanodiamond upon contact. The lifetime and force curves are symmetric, Figs. 6d and f, showing that
the interaction is reversible. The lifetime of the nanodiamond changes from 13.86±0.27 ns to 13.13±0.23 ns upon contact
with the gold, which corresponds to a quenching efficiency of ≈ 5.5 %. The quenching in lifetime when approaching gold, or
any metal, is expected due to MIET41. The radiation rate will change due to the coupling of the nanodiamond electromagnetic
near-field with the plasmons of the gold. In the vertical position (x-axis) of Figs. 6e and f the approach and retract curves
have been “unfolded”, where approach/retract have negative/positive position values. A folded version of the force curves is
presented in section 2 of the supplementary information together with the lifetime curve for another nanodiamond.

Discussion
The mutual interaction of the confocal spot and the AFM tip/cantilever can give rise to a cross-talk in the AFM and/or
fluorescence images. Two main forces have been explored: radiation pressure and photothermal-induced deflections. Miranda et
al. have calculated the deformation due to laser heating on gold-coated cantilevers and found displacements of 9 nm and forces
around 3 nN with ≈ 2 times less power than used in Fig. 325. Radiation pressure forces can be estimated to be in the range of
few tens/hundreds of piconewtons, in agreement with our results (see section 1 of the supplementary information). While in
standard confocal imaging a laser power inferior to 100 µW is usually employed, in correlative STED-AFM11 a much higher
power in the mW range is required, suggesting that simultaneous STED and AFM will produce optomechanical forces from
several hundreds of pN to the nN range (Fig. 4b), causing large tip deflections when using soft AFM cantilevers (< 0.1 N/m
stiffnesses). The inset of Fig. 4b, however, suggests that even at reasonably low laser power (10-50 µW) optomechanical forces
are present and can be quantified in few tens of pN. The same applies to the overall attractive force in the case of qp-BioAC.
Those forces are not negligible and should be taken into account when measuring by AFM particularly soft interfaces such as
living cells plasma membrane42 or when unfolding single molecules43.

Moreover, the optomechanical interaction will not be constant if the alignment between the excitation laser and the AFM
tip is not kept fixed during data acquisition, for instance, if the confocal spot is scanned and the tip is fixed as in the case of
AFM coupled with a confocal microscope with a spinning disk operational scheme24 or with some STED microscopes. While
MLCT-BIO-DC minimizes optomechanical forces, quartz-like cantilevers such as qp-BioAC perform better for time-resolved
fluorescence measurements due to lower tip luminescence. We have shown that using a low excitation power of 120 nW (more
generally inferior to 10 µW) it is possible to image synchronously model membrane morphology, fluorescence intensity and
lifetime minimizing optomechanical spurious forces (< 10 pN) and tip and gold-coating on cantilever backside luminescence,
therefore minimizing any tip-related artifact.

Concerning the nanopositioning experiment presented in Fig. 6, the lifetime decrease occurs in absence of mechanical
contact between the fluorescent probe and the gold substrate, at short distances where the AFM is not sensitive enough to detect
any interaction force. In perspective, this enables the possibility to obtain topographical images in liquid acquired in absence of
AFM tip-sample mechanical contact. It represents an important advance when it is to image soft, fluorescently-labeled, samples
that are largely deformed by conventional AFM due to their extreme softness as it occurs in the case of living cell membranes.

In our case, only a small drop (7% and 5%) in nanodiamond lifetime is observed in Figs. 6c and d, respectively. Although
the change is small, uncertainty in lifetime characterization is in order of hundreds of picoseconds, therefore, the change
observed is still significant. Tisler et al. have observed a 35% MIET efficiency when approaching a single NV center 25 nm
nanodiamond attached to an AFM tip on top of graphene, a material that behaves like a metal18. In our case, the small MIET
efficiency observed in Fig. 6 could be attributed to either the larger nanodiamond size (≈ 40 nm) or the more abundant number
of NV centers (≈ 15) that are randomly oriented in the nanodiamond core. In the case of the experiment shown by Tisler et
al.18 a complete lifetime spectroscopical change in respect to the nanodiamond-sample distance is not reported. Indeed, in
their case, the lifetime variation was measured only when the nanodiamond was in mechanical contact with graphene or the
underlining substrate.

The lifetime/force curve, where the fluorescence decay is recorded for each z-position of the tip/emitter, enable us to gain
insight in the near-field non-contact interactions, as it has been shown by Buchler et al. in the case of a gold nanoparticle
approached to a glass coverslip44, validating the theory predicted by Drexhage41 in 1970. Only when both lifetime and force
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signals are acquired, the precise mechanical contact point can be identified from the AFM interaction force and, consequently,
an accurate fluorescent tip-sample distance can be measured. Indeed, the full control of the emitters nano-positioning is the key
for future non-invasive (sub-piconewton forces) imaging modes, where the topography is mapped by relying on the quantum
exchange of energy between donors (tip) and acceptors (sample) rather than the mechanical contact usual in AFM in liquid.

In summary, our results impose important experimental constraints for synchronous operation and interference-free
correlative AFM and confocal time-resolved fluorescence. In this work, we have quantified in pN/µW the radiation pressure
and photothermal detection forces acting on AFM cantilevers composed of different materials and in the case of different tip
geometries. While quartz-like AFM probes, minimizing tip luminescence, are more suited when fluorescence lifetime has to be
measured, the overall optomechanical forces are minimized if radiation pressure and photothermal effect contributions are
comparable, canceling each other. However, our findings allow for the synchronous collection of AFM and FLIM images
as well as for the simultaneous correlation of Force Spectroscopy (AFM-FS) with fluorescence lifetime. We have shown the
correlation of the topography (AFM) with the local viscosity (FLIM) in the presence of gel and fluid phase separated domains
in model biological membranes labeled with a BODIPY fluorophore. Finally, we have shown that the simultaneous correlation
of force and fluorescence lifetime reveals a unique potential that we have used to reversibly tune the spectroscopic properties of
a fluorescent nanodiamond attached to an AFM tip once it is placed in close vicinity with a gold substrate.

Materials and Methods
Atomic Force and Confocal Microscopies images were acquired using a Nanowizard 4 (JPK Instruments, Bruker) equipped
with a Tip Assisted Optics (TAO) module and a Vortis-SPM control unit. The AFM cantilever detection system employs an
infrared low-coherence light source, with emission centered at 980 nm and further long-pass filtered at 850 nm with a Schott
RG850 filter. The AFM head was mounted on a Zeiss inverted optical microscope. A custom-made confocal microscope was
coupled to the AFM using a Rock-PP supercontinuum laser (Leukos) as an excitation source operating at 20 MHz (50 ns pulses
of width < 100 ps). We used an oil immersion objective with a 1.4 numerical aperture (Plan-Apochromat 100x, FWD=0.17 mm,
Zeiss) and a pinhole of 100 µm diameter size (P100D, Thorlabs). We used an avalanche photodetector (SPCM-AQR-15,
PerkinElmer) connected to an SPC-150 (Becker & Hickl) TCSPC card to collect fluorescence signals. The light source of the
AFM detection system was filtered out in the fluorescence emission path using an ET800sp short pass filter (Chroma). The
excitation laser power was measured after the objective at the sample level with a S170C microscope slide power sensor and
a PM100 energy meter interface (both purchased from Thorlabs). The emission and excitation filters utilized are shown in
Table 2.

Table 2. Emission/Excitation filters.

Model Wavelength [nm] Brand

E
xc

. ZET488/10x 448/10 Chroma
ZET532/10x 532/10 Chroma

E
m

is
s. FF01-525/39 525/39 Semrock

AT690/50m 690/50 Chroma
FF01-709/167-25 709/167 Semrock

During simultaneous AFM/FLIM images the AFM tip and confocal spot positions were fixed by co-aligning them. Full
alignment is obtained in two steps: 1. The tip is at first roughly aligned using white field illumination and then the alignment
is fine-tuned using the increase of tip luminescence. It is worth to notice that when tip and confocal spot are aligned, some
AFM tips, such as qp-BioAC (Nanosensors), show colocalized tip luminescence and optical forces maxima, whereas so-called
“protruding AFM tips” do not show maxima colocalization. 2. The sample is imaged and any mismatch between topography
and FLIM image is adjusted by correcting the tip position.

Keeping the confocal spot and AFM tip aligned during data acquisition has the advantage to maintain constant all spurious
effects resulting from synchronous operation. In addition to the tip/cantilever luminescence background and the optomechanical
deflection, we mention the mirror-like effect that is due to the reflection of the incoming excitation light by the metallic coating
at the cantilever backside: this results in a higher excitation intensity that is constant all over the image acquisition if confocal
spot and tip are aligned, whereas it is not in case of wide-field epifluorescence or confocal spinning disk operational schemes.

Force/Lifetime curves. Acquisition of approach-retract curves with simultaneous collection of force, photon intensity
(photon counter) and fluorescent nanodiamond lifetime was performed using 532/10 nm as excitation filter and 709/167 nm
as emission filter with a laser excitation power of 90 µW. The number of photons emitted by the nanodiamond (>6 ns) and
collected by the objective is in the order of tens of counts per second (cps), whereas normal acquisition speeds in modern
AFM can reach hundreds of kHz45. Since a hundreds or thousands of photons are needed to properly evaluate the lifetime, our
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acquisition bandwidth must be reduced to few tens/hundreds of Hz. Faster acquisition rates would result in the collection of too
few photons (or even none) and the lifetime evaluation would be impossible. For this reason we have fixed our acquisition
bandwidth to 20 Hz and performed forced curves in a quasi-static mode at a speed of 5 nm/s.

Lifetime was evaluated by amplitude weighting the decay curve for times greater than 6 ns. All measurements were
performed at room temperature and under liquid conditions in Dulbecco’s Phosphate Buffer Solution (DPBS), purchased from
GIBCO, without MgCl2 and CaCl2 (GIBCO ref. 14190-094). The tip was held constant and the sample was approached to
the tip using the axial sample piezo of the TAO module. The tip-confocal alignment was performed similarly to the method
described above with a key change: we focused the confocal spot when the tip is in mechanical contact with the sample surface,
hence the maximum signal from the nanodiamond/gold happens at the contact point (Fig. 6).

AFM tips. qp-BioAC (tip height ≈ 7 µm) and ATEC-CONT (tip height ≈ 17 µm) were purchased from Nanosensors and
MLCT-BIO-DC (tip height ≈ 3.5 µm) was purchased from Bruker. MLCT-Bio-DC-C probes have a resonance frequency of
≈ 1 kHz, ATEC-CONT of ≈ 6 kHz and qp-BioAC of ≈ 25 kHz and ≈ 45 kHz (CB2 and CB1, respectively), all resonances
measured in liquid environment. Custom tips, presenting a plateau at the tip apex, were purchased from Nanoworld: they were
fabricated modifying a qp-BioAC cantilever (see section 4 of supplementary information). An electron beam deposited carbon
tip was grown on top of a thin layer of gold. Subsequently, a flat circular plateau of ≈ 50 nm diameter was obtained at the tip
apex by means of Field Ion Beam (FIB) to aid fluorescent nanodiamond fixation and stability.

For optomechanical force characterization, a dozen tips were used to fully characterize and understand the forces employed.
All probes of the same brand behaved similarly, with the same range of forces and same force/intensity distribution over the
cantilever. For the approach-retract experiment with the nanodiamonds, we have collected data from tens of different probes
whereas each probe had a different nanodiamond that was carefully grafted. In Fig. 6 two of such different tips were used.

Tip calibration. In all AFM experiments, the inverse optical lever sensitivity and lever stiffness of qp-BioAC and ATEC-
CONT cantilevers were calibrated using a combination of a Sader46 and thermal47 methods (called “contact-free” method in
the JPK AFM instruments). The fundamental peak was used with a correction of 0.817 at ambient temperature and in liquid
environment.

MLCT-BIO-DC triangular cantilever optical lever sensitivity was evaluated with the acquisition of an approach-retract curve
(deflection versus z scanner displacement curve) on a glass rigid surface and cantilevers stiffness were quantified consequently
with a thermal method.

Reverse-tip imaging. Simultaneous intensity (photon counter) and force images presented in Fig. 3 were obtained by
fixing the laser focus to 4µm from a glass coverslip and held in place throughout the measurement. We employed the hover
mode (JPK instruments) where in the trace (forward) line the tip is in contact with the sample, whereas in the retrace (backward)
line the tip is still following the topography (recorded from the trace) at a fixed distance from the sample defined by the AFM
user. In this way, in the retrace image, the deflection can be monitored and can be converted to the force acting on the cantilever
at a specific distance. By varying the latter, it is possible to probe the optomechanical interactions acting at different planes of
the laser path.

Images were acquired using a 532/10 nm excitation filter, a measured power of 300 µW and an emission filter of 690/50 nm
using 64 lines ×64 pixels, a line rate of 6 Hz and scan size of 10 µm ×10 µm for ATEC-CONT probes, 15 µm × 15 µm for
the MLCT-BIO-DC, and 30 µm ×30 µm for the qp-BioAC. The photon counter signal from the APD was directly connected
throught the input of the AFM electronics, not utilizing the TCSPC card, therefore, resulting in force and intensities images
directly in the AFM software without need for any additional signal post-processing. The intensity images units are given in
counts per second (cps), which correspond to the photon collection rate by the AFM eletronics.

Model membranes. 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-dioleoyl-sn-glycero-3-phosphocholine
(DOPC) were purchased from Avanti Polar Lipids Inc. 2-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-dode-
canoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine (BODIPY) was purchased from Thermofisher. Chloroform and methanol
were purchased from Sigma-Aldrich. Membrane experiments were performed in DPBS buffer solution filtered before use with
an inorganic membrane filter (0.22 µm pore size, Whatman International Ltd). DPPC and DOPC were individually dissolved
in chloroform:methanol (v:v 1:1) and supplemented with 0.1% BODIPY. The solvent was then evaporated to dryness under
nitrogen flow to obtain a thin film spread in a glass tube. The dried lipids films were hydrated with DPBS buffer solution,
previously heated at 60◦C, until a final total concentration of 0.2 mM. The tube was later subjected to cycles of vortex mixing
and heating at 60◦C. The vesicle suspension was extruded with a polycarbonate membrane filter (100 nm pore size, Whatman,
purchased from Avanti Lipids). Circular glass coverslips (2.8 cm diameter, 165 µm thick, purchased from Marienfeld) were
cleaned by a cycle of sonication in KOH for 15 min, followed by a second cycle of sonication in deionized water for 15 min.
Then, the glass coverslips were exposed to plasma (Expanded Plasma Cleaner PDC-002, Harrick Scientific Corporation) at
high RF power level for 15 min. Supported lipid bilayers (SLBs) were obtained by vesicles fusion method48–50. 300 µL of
vesicles suspensions were deposited onto cleaned glass coverslips, previously mechanically fixed in an Attofluor chamber
(Thermofisher), and incubated for 30 min at 70◦C. Afterwards, the samples were rinsed several times with buffer solution to
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avoid unfused vesicles, always keeping the substrates hydrated and imaged by correlative confocal-AFM after 24 hours.
FLIM of model membranes. Images were obtained using a 488/10 nm excitation filter and a 535/39 nm emission filter

with a laser excitation power of 120 nW. AFM images of the membrane were acquired in contact mode using a rectangular
qp-BioAC cantilever with a stiffness of 0.3 N/m at constant force of 1.5 nN at a line imaging rate of 0.25 Hz with 128 lines ×
128 pixels and with a scan size of 15 µm ×15 µm. Images were collected with a sample scan with the AFM tip and excitation
beam kept aligned and steady. Lifetime was fitted with SPCimage (Becker & Hickl) using a single exponential and spatial
binning of 1. AFM and FLIM images were synchronized by tagging each photon read by the TCSPC card with a TLL signal
(pixel/line/frame) from the AFM instrument.

Nanodiamonds and gold substrate. Circular glass coverslips (Marienfeld) were subjected to sonication cycles in acetone
(5 minutes) and ethanol (5 minutes), and subsequently dried under nitrogen flow. 5 nm or 10 nm of gold were evaporated on
top of coverslips by thermal evaporation method at a rate of 1Å/s (AS053 Oerlikon thermal evaporating source). Fluorescent
Nanodiamonds (FNDs) were purchased from FND Biotech (Taiwan). A solution of 40 nm diameter nanodiamonds, each
containing in average 15 NV centers, at a concentration of 0.1 mg/mL was sonicated for 15 min and subsequently diluted to
0.1 µg/mL. 5 µL were deposited on both gold-coated and glass coverslips and left to dry. Finally, nanodiamonds were imaged
by correlative confocal and AFM in DPBS solution.

Nanodiamond grafting at the AFM tip apex was performed on both ATEC-CONT and qp-BioAC tips. Fluorescence
images were acquired without AFM tip to pre-localize nanodiamond candidates on a glass coverslip for the grafting process.
Subsequently, an AFM image with low force setpoint (� 1 nN) was acquired in the same area in AFM dynamic mode. The
PLL-coated tip was then pressed on the selected nanodiamond for 10–20 seconds with a 1 nN setpoint36. The use of PLL
permanently sets the nanodiamond to be at the tip apex if low forces are used to avoid dislodging events. The modified
qp-BioAC, with a circular plateau at the tip apex, ensures higher nanodiamond stability. The absence of the plateau in the
ATEC-CONT makes the nanodiamond more prone to dislodgement if higher forces are used.
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